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Microalgae produce a range of metabolites such as proteins, lipids and fatty acids, pigments 
such as chlorophyll and carotenoids, and almost all essential vitamins. These have a wide variety 
of applications including health supplements, antioxidants, cosmetics, aquaculture, animal feed 
and biofuel production. Microalgae are fast-growing, may be easy to cultivate, may persist even 
in harsh conditions and are ubiquitous across all ecosystems on earth. They are therefore 
excellent candidates for commercial exploitation. This study focuses on two major groups of 
microalgal metabolites: lipids and pigments. 
Various environmental factors can significantly alter growth and metabolite production of 
microalgae including temperature, pH and nutrient and light availability. Further, the effects of 
these parameters on algae vary widely across species and even strains. The industry of 
cultivating microalgae relies on cost minimisation and product maximisation to achieve financial 
viability. Optimisation of production in terms of species/strain selection and growth conditions 
is imperative to sustainable and cost-effective production. 
 In this study, native Australian chlorophytic microalgae were grown under various conditions to 
determine their suitability to mass production. Desmodesmus opoliensis CS-904 and Chlorella 
vulgaris CS-41 were sourced from the Australian National Algae Culture Collection at the 
Commonwealth Scientific and Industrial Research Organisation (CSIRO). Two separate trials 
were undertaken.  
In the first trial, Desmodesmus opoliensis was grown using six commercially available nutrient 
media, and response in terms of growth, lipid content and fatty acid (FA) composition was 
assessed, with a focus on suitability for conversion to biodiesel. The six nutrient media were 
‘MLA’: AlgaBoost™ MLA from AusAqua Pty Ltd, ‘Algf/2’: AlgaBoost™ f/2 from AusAqua Pty Ltd; 
‘MAGf/2’: Micro Algae Grow™ from Florida Aqua Farms Inc; ‘MAF’: Micro Algae Food from 
Manutec Pty Ltd; ‘Aba’: Abasol from Manutec Pty Ltd and ‘Aq’: Aquasol from Yates. Starter 
cultures were maintained in MLA. Nitrate tests were undertaken for each medium to calculate 
necessary dosage to achieve equal total theoretical nitrogen across all treatments according to 
constituent nutrients specified by manufacturers. Cultures were grown in a semi-continuous 
batch manner, with 500 mL harvested and replaced with fresh medium on Days 8, 13, 15, and 
19. On Day 27, 750 mL was harvested and not replaced with fresh medium, and the trial was 
terminated on Day 29, with the remaining volume measured and harvested. A single-step lipid 
extraction and transesterification method was carried out and fatty acid composition was 
3 
 
determined via gas chromatography-mass spectrometry (GC-MS). Total lipid content as a 
percentage of dry weight was determined gravimetrically. Statistical analyses carried out 
included analyses of variance (ANOVAs) and permutational ANOVA (PERMANOVA). 
There was no significant difference across treatments for specific growth rate of cultures 
calculated from OD680 readings, but total dry biomass produced was significantly greater for MLA 
than any other treatment (1.41 g). Aquasol, Abasol and Micro Algae Food supported the next 
highest growth rates in terms of total biomass production, with 1.02 g, 0.90 g and 0.87 g 
respectively. The two f/2 formulations, Micro Algae Grow™ f/2 and AlgaBoost™ f/2 yielded the 
lowest biomass with 0.78 g and 0.77 g respectively. Total lipid content and fatty acid 
composition did not differ significantly across treatments. Average total lipid content of 
Desmodesmus opoliensis ranged from 11.3% to 23.3%. MLA may have had a growth advantage 
over the other treatments through pre-adaptation of starter cultures to MLA. For biodiesel 
production, predominantly monounsaturated FAs (MUFAs) are preferable, since saturated FAs 
(SFAs) and polyunsaturated FAs (PUFAs) lead to increased viscosity and susceptibility to 
oxidation respectively.  Since FAs across all treatments were predominantly SFAs, moderate 
levels of PUFAs and very small amounts of MUFAs, Desmodesmus opoliensis may not be an 
appropriate candidate for biodiesel production despite satisfactory lipid content. 
In the second trial, Desmodesmus opoliensis and Chlorella vulgaris were cultured using MLA 
under similar conditions as the first trial, but subjected to five distinct light treatments: low light 
(a single cool white fluorescent bulb: 35 µmol.m⁻².s⁻¹), high light (white LED panel: 
155 µmol.m⁻2.s⁻¹), high light followed by a 24 hour period of shading, red light (red LED panel: 
118 µmol.m⁻⁻².s⁻¹) and blue light (blue LED panel: 307 µmol.m⁻².s⁻¹). Owing to restrictions in 
experimental setup, equal amounts of photosynthetically active radiation (PAR) was unable to 
be achieved. Three 220 mL cultures per treatment were grown for five days with OD680 
measured daily. On the fifth day, 10 mL samples were filtered and dried to constant weight to 
measure biomass production and pigment extraction was carried out. Two-way fixed factor 
ANOVAs (Species, Light treatment, Species×Light treatment) were performed to determine 
differences in growth and pigment content.  
Under low light conditions, Chlorella and Desmodesmus did not differ significantly from each 
other for any measure of growth, pigment content or pigment production. Under all other light 
conditions, Desmodesmus showed a significantly greater response in dry weight productivity 
than Chlorella, with up to a three-fold increase for Desmodesmus under high light compared to 
a less than two-fold increase for Chlorella. For Chlorella, dry weight productivity was not 
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significantly different across all light treatments other than low light, whereas Desmodesmus 
showed a 25% decrease in biomass productivity with shading compared to the unshaded, high-
light treatment. For Desmodesmus, red light resulted in similar dry weight production to high 
light, and productivity under blue-light conditions was not significantly different to either high-
light or shaded conditions.  
In contrast, Chlorella yielded significantly greater pigment content as a proportion of dry weight 
than Desmodesmus under all light conditions other than low light. Predictably, all measures of 
pigment content were significantly higher under low light than any other light condition for both 
Chlorella and Desmodesmus, except the shading period elicited an increase in carotenoid 
content for Chlorella to levels comparable to those under low light. In terms of total pigment 
production (the product of pigment content and biomass production), Chlorella outperformed 
Desmodesmus under all light conditions other than low light by up to 5.7 times for chlorophyll 
production. Total carotenoid production was similar between the species under both low and 
high light, but under all other light conditions Chlorella produced significantly greater quantities 
of carotenoids, up to 3.2 times as much as Desmodesmus. For Desmodesmus, low light 
conditions yielded significantly greater production of chlorophyll and carotenoids than any other 
treatment. For Chlorella, high-shaded and red-light treatments were not significantly different 
to low light for chlorophyll production. Carotenoid production in Chlorella was not significantly 
different under any light conditions. 
These results indicate that, for pure biomass production, Desmodesmus is the better candidate 
than Chlorella, exhibiting faster growth rates under more favourable light conditions and 
therefore a greater suitability to mass cultivation in a light-manipulated photobioreactor (PBR) 
system. Since red LED light is the most energy-efficient light source of all tested, Desmodesmus 
grown under red LED light would be the most cost-effective strategy to produce microalgal 
biomass according to this study. In contrast, for pigment production, Chlorella is the better 
candidate, with greater pigment production than Desmodesmus despite lower growth rates. 
Again, red LED light would be the most cost-effective light source for Chlorella to produce 
maximum quantities of pigments. 
This study demonstrated the ability of Desmodesmus opoliensis to grow rapidly under 
favourable light conditions, indicating a suitability to mass production in a PBR system. Whilst 
the fatty acid profile of Desmodesmus does not seem suitable to conversion to biofuel owing to 
a paucity of desirable MUFAs and an abundance of SFAs and PUFAs, production of generic algal 
biomass for other applications under energy-efficient red LED lighting would be a suitable use 
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for this microalga. Contrarily, Chlorella vulgaris grown under red LED light would be the most 
cost-effective of all tested strategies for mass production of pigments. Overall, this study has 
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Chapter 1: General introduction 
Interest in industrial cultivation of microalgae has increased in recent years due to the wide-
ranging benefits associated with large-scale production. From an environmental perspective, 
biological sequestration of carbon dioxide (CO2) and uptake of undesirable heavy metals from 
industrial effluence may help to mitigate detrimental environmental effects of other industries 
and the subsequent effects of climate change (Mata et al. 2010). From a business perspective, 
the metabolites produced by the microscopic cells have potential value for a wide variety of 
applications. These include proteins, lipids and fatty acids, pigments such as chlorophyll and 
carotenoids, and almost all essential vitamins, as reviewed by Spolaore et al. (2006). Commercial 
applications range from aquaculture and human and animal feed supplements to incorporation 
into cosmetics and even, potentially, biofuels production.  
Steadily increasing energy demands, decreasing fossil fuel reserves and a negative impact on the 
climate from released fossil carbon globally has reinvigorated the need to seek sustainable 
sources of non-fossil energy (Ghasemi et al. 2012). Microalgae have a much higher areal 
productivity of oil than land crops, do not require arable land and thus do not interfere with 
food security concerns, as previous generations of biofuels have (Chisti 2007, Mutanda et al. 
2011). There is also the potential to use concentrated CO2 from industrial flue gases and 
nutrients from wastewater for growth, thereby potentially improving the cost-effectiveness and 
providing for viable bioremediation options (Wang et al. 2008, Pittman et al. 2011, Wu et al. 
2012).  
The industry surrounding the culture of microalgae, like any industry, relies on cost minimisation 
and product maximisation in order to achieve financial viability. This is more feasible with high-
end products such as pigment extracts or human health supplements, and less feasible with low-
cost products such as biofuels. Regardless of the target product, optimisation of production in 
terms of species/strain selection and growth conditions is imperative to sustainable and cost-
effective production.  
Despite their microscopic size, each microalgal cell is a complex biological system, wherein 
various environmental factors can significantly alter growth and metabolite production. These 
factors include temperature, pH, nutrient availability, light quality and quantity, CO2 delivery, 
nitrogen starvation and exposure to UV radiation (Table 1). Further, the effects of these 
parameters on algae vary widely across species and must be elucidated for each potential 
candidate for industrial-scale microalgal cultivation.  
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This review focuses on the evidence of lipid content and profile (lipid composition) for different 
species under different environmental conditions. Separation of the environmental drivers of 
lipid biochemical pathways is often an over-simplification of complex biological responses to a 
variety of environmental conditions; however, in terms of developing controlled cultivation 
systems for algae lipid production, these drivers are considered separately here. Review of 
extensive amounts of literature revealed, overwhelmingly, that nitrogen deficiency triggers 
increased lipid production across all species except for a few null effects (Table 1). The 
manipulation of other conditions such as increased CO2 delivery, increased light intensity, 
increased salinity and increased temperature unsurprisingly reveal varying effects on growth 
and lipid content, reflecting differences in the optimal range of these conditions for specific 
species of microalgae (Table 1). 
This study and this review focus on two major groups of metabolites produced by microalgae: 
lipids (with a focus on biofuels and nutrient availability) and pigments (with a focus on light 
availability). The research was undertaken in conjunction with company Algae.Tec who provided 
funding support. As biofuel is a low-value product, efforts were made to investigate higher value 
products, pigments, for increased financial viability. Both end products may be optimised 
through environmental conditions, though not necessarily in the same way or under the same 
conditions. The remainder of this review will be presented as two distinct sections examining 
these two elements of microalgal culture. The first section focuses on attempts to reduce 
production costs through biological approaches (species selection for optimal growth rates, 
photosynthetic efficiency and lipid content) and cultivation systems (including engineering 
approaches, light efficiency approaches, optimising growth and lipid content through nutrient 





Table 1: Effects of various parameters on growth and lipid production in different strains of marine and freshwater microalgae 
Environmental 
parameter 
Genus Species Reference Salinity Effect on 
growth 




CO2 delivery Dunaliella viridis (Gordillo et 
al. 1998) 
Marine Increased No effect Slight decrease in total lipids with CO2 
addition in N+ cultures, slight increase in N- 
cultures 







Cobalt deficiency Dunaliella tertiolecta (Chen et al. 
2011) 




Nannochloropsis oculata (Chiu et al. 
2009) 




Isochrysis galbana (Lin et al. 
2007) 
Marine Decreased Increased DHA, palmitic acid, stearidonic acid & 
docosapentaenoic acid increased with culture 
time. SFA+MUFA subtotals and PUFA 
increased then decreased (max. in early 
stationary phase). n-3:n-6 ratio lowest in 
exponential and max. in late stationary 
Ferric citrate 
increase 
Botryococcus braunii (Dayananda 
et al. 2005) 
Fresh Decreased Decreased Growth measured as final biomass yield. 
Interactions: phosphate x nitrate on biomass 
yield; sulphate x citrate on biomass yield 
Iron deficiency Dunaliella tertiolecta (Chen et al. 
2011) 
Marine Decreased Increased 
 
Iron increase Chlorella vulgaris (Liu et al. 
2008) 











Increased Iron supplementation in medium from start of 
growth cycle. (Highest iron concentration 
induced stationary phase earlier than lower 
concentrations, also final cell density sig. 
lower (though sig. higher than no iron at all)) 
Iron increase Botryococcus spp. (Yeesang and 
Cheirsilp 
2011) 









Isochrysis galbana (Lin et al. 
2007) 
Marine Decreased No effect Growth measured as maximum specific 
growth rate. Decreased n-3 (%TFA). Increased 
n-6 (%TFA). Decreased n-3:n-6. 
Light increase + N 
deficiency 
Nannochloropsis sp. (Solovchenko 
et al. 2011) 










Decreased Total lipids decreased from darkness to high 
light, but % neutral lipids increased 
Light intensity 
increase 








Increased FA and TAG with saturating light but 
no further increase with photoinhibition 
Light intensity 
increase 
Botryococcus spp. (Yeesang and 
Cheirsilp 
2011) 
Varied Decreased Increased 
then 
decreased 




Nannochloropsis sp. (Rodolfi et al. 
2009) 
Marine Increased Increased Increased FA content, mainly saturated and 
monounsaturated (storage). Both 
productivity and FA content greater under 2-
sided illumination than 1-sided 
Magnesium 
sulphate increase 
Botryococcus braunii (Dayananda 
et al. 2005) 
Fresh Increased Decreased Growth effect is quadratic not linear, i.e., only 
applicable at very high concentrations. Very 







Dunaliella tertiolecta (Chen et al. 
2011) 




Dunaliella tertiolecta (Chen et al. 
2011) 
Marine Decreased No effect 
 





Decreased Decreased TFA, CHO, total lipid but increased 
protein and PUFA 
Nitrogen 
deficiency 
Dunaliella tertiolecta (Chen et al. 
2011) 




Chlorella vulgaris (Converti et 
al. 2009) 




Nannochloropsis oculata (Converti et 
al. 2009) 




Dunaliella viridis (Gordillo et 
al. 1998) 
Marine Decreased No effect % TAGs increased significantly in N-limited 









Increased Best growth and lipid production using nitrate 
as N source, then urea then ammonium 
Nitrogen 
deficiency 




Increased Salt stress lowered effect of N starvation on 
lipids in 3 strains, enhanced in 1. Photosystem 




Botryococcus spp. (Yeesang and 
Cheirsilp 
2011) 




Botryococcus braunii (Zhila et al. 
2005) 
Fresh Decreased Increased Increased TAG, altered FA (decreased trienoic 








Nannochloropsis sp. (Rodolfi et al. 
2009) 
Marine Decreased Increased Overall lipid productivity almost doubled 




Chlorella sp. (Rodolfi et al. 
2009) 




Scenedesmus sp. (Rodolfi et al. 
2009) 




Tetraselmis suecica (Rodolfi et al. 
2009) 
Marine Decreased Increased No increase in lipid productivity 
Nitrogen 
deficiency 
Chlorella vulgaris (Piorreck et 
al. 1984) 
Fresh Decreased Increased  
Nitrogen 
deficiency 
Scenedesmus obliquus (Piorreck et 
al. 1984) 
Fresh Decreased Increased  
Nitrogen 
deficiency 
Anacystis nidulans (Piorreck et 
al. 1984) 
Fresh Decreased No effect  
Nitrogen 
deficiency 
Microcystis aeruginosa (Piorreck et 
al. 1984) 





Oscillatoria rubescens (Piorreck et 
al. 1984) 
Fresh Decreased No effect  
Nitrogen 
deficiency 
Spirulina platensis (Piorreck et 
al. 1984) 





Dunaliella primolecta (Thomas et 
al. 1984) 
Marine Decreased Decreased 
slightly 
Carbohydrate yields increased five-fold, 
protein decreased substantially 
Nitrogen 
deficiency 
Tetraselmis suecica (Thomas et 
al. 1984) 
Marine Decreased Decreased Carbohydrate yields increased five-fold, 




Isochrysis galbana (Lin et al. 
2007) 
Marine Increased No effect Growth measured as maximum specific 
growth rate. Decreased PUFA:SFA+MUFA. 
Decreased n-3 (%TFA). Decreased n-3:n-6. 
Increased DHA (%TFA). 













Fresh? Decreased Increased Constant pH stress at 7.6 (normal growth at 
10) 
pH increase Neochloris oleoabundans (Santos et al. 
2012) 
Fresh/varied Decreased Increased High pH range of 9-10.8 
pH increase Micractinium? sp. (FGP5) (Skrupski et 
al. 2013) 
Fresh? Increased Increased Incremental pH stress from 7.2 to 9.5 
pH increase Micractinium? sp. (FGP5) (Skrupski et 
al. 2013) 









Decreased Decreased TFA, CHO, total lipid but increased 
protein and PUFA 
Phosphorus 
deficiency 
Dunaliella tertiolecta (Chen et al. 
2011) 
Marine No effect No effect Intracellular stores may have resulted in lack 






















Nannochloropsis sp. (Rodolfi et al. 
2009) 





Isochrysis galbana (Lin et al. 
2007) 
Marine Increased No effect Growth measured as maximum specific 
growth rate. Decreased n-3 (%TFA). Increased 





Botryococcus braunii (Dayananda 
et al. 2005) 
Fresh Increased Increased Growth effect is quadratic not linear. i.e., only 
applicable at very high concentrations. Very 








Botryococcus braunii (Dayananda 
et al. 2005) 
Fresh Decreased Decreased Negative effect on hydrocarbon production 
may be due to inhibition of fatty acid 
biosynthesis (precursors for characteristic 
hydrocarbons for A race of B. braunii) 









Salinity increase Botryococcus spp. (Yeesang and 
Cheirsilp 
2011) 




Chlorella vulgaris (Converti et 
al. 2009) 




















Nannochloropsis sp. (Hu and Gao 
2006) 








High OR low temp. stress increased total lipids 












% PUFA decreased with increased temp. 
UVB radiation 
exposure 
Odontella weissflogii (Skerratt et 
al. 1998) 




Chaetoceros simplex (Skerratt et 
al. 1998) 
Marine Decreased Increased No growth under high UVB. Increased free FA 
(mostly saturated) concentration and total 







Phaeocystis antarctica (Skerratt et 
al. 1998) 
Marine Decreased Increased Increased proportion of structural lipids, 
decreased storage lipids, increased PUFA 
under low UVB. Increased total lipid, TAG and 
free FA concentration under high UVB. 




Section 1: Lipids for biofuels 
Microalgae feature a range of characteristics which make them excellent candidates for biofuel 
production. Apart from their potential high lipid contents, they are fast-growing, may be 
relatively easy to cultivate, may persist even in harsh conditions and are ubiquitous across all 
existing ecosystems on earth (Mata et al. 2010). Areal productivity of biomass of up to 
51 g.m⁻2.day⁻1 have been reported (Mata et al. 2010). Biodiesel produced by microalgae is 
considered to be the most promising biofuel owing to their fast growth rate using only sunlight, 
carbon dioxide and minerals (Mata et al. 2010). The inefficiency and unsustainability of the use 
of food crops as a biodiesel source have increased interest in the development of microalgae 
species to be used as a renewable energy source (Ahmad et al. 2011). Of particular interest have 
been certain algal species with lipid contents of up to 75% of dry weight (Banerjee et al. 2002).  
Despite the advantageous qualities presented by microalgae and existing technologies to 
process lipids to fuel, widespread commercialisation of microalgal biofuels has not been realised 
mainly due to the high cost of production (Wu et al. 2012). In order to achieve economically 
viable biodiesel production from microalgae at a commercial scale, the capital and energy costs 
of the production process must become competitive with fossil fuel (Georgianna and Mayfield 
2012).  
Of fundamental importance to commercial microalgal biofuel success is the optimisation of oil 
productivity, that is, the mass of oil produced per unit volume of microalgal culture per day, 
which is dependent on the algal growth rate and the oil content of the biomass (Chisti 2007). 
Although high lipid contents and fast growth rates of microalgae are desirable for biodiesel 
production, the specific profiles of the lipids contained also bear a significant influence on the 
relevance of conversion to biodiesel and the appropriateness of the resultant fuel for the desired 
use. 
The properties of biodiesel are largely dependent on the nature of the component fatty esters, 
which in turn are dependent on the fatty acids (FAs) present in the microalgal oil (Knothe 2005). 
Saturation, chain length and even the position of the double bonds within component FAs 
dictate biodiesel properties such as viscosity, ‘cloud point’, ‘pour point’, cetane index and 
oxidative stability (Knothe 2005, 2006). Since high levels of polyunsaturated FAs (PUFAs) 
increase the susceptibility of biodiesel to oxidation, and saturated lipids raise cloud points and 




saturated FAs (SFAs) and PUFAs are preferable for biodiesel production (James et al. 2013). 
Additional information can be found in the excellent review by Knothe (2005).  
The best substrates for biodiesel production are non-polar, energy storage triacylglyceride (TAG) 
molecules (Rodolfi et al. 2009). Biodiesel is produced from oil via transesterification, whereby 
TAGs react with methanol in the presence of a catalyst to produce glycerol and fatty acid methyl 
esters (FAMEs, i.e. biodiesel) (Chisti 2007, Rodolfi et al. 2009). TAGs are easier to process than 
the phospholipids contained in cell membranes (Skrupski et al. 2013). Moreover, phospholipids 
can cause failed phase separation during transesterification, resulting in emulsions which are 
difficult to separate, and a loss of oil yield is apparent at phosphorus concentrations above 
50 ppm (Van Gerpen and Dvorak 2002, Skrupski et al. 2013). 
This review gives a brief background of the classification and function of lipids in microalgae, 
including constituent FAs and then explores the literature currently available on the 
environmental effects which act on lipids. It focuses on storage TAGs and the application of 
these findings to viable biodiesel production.  
Lipids in microalgae 
Microalgal lipids may be grouped into two broad categories: storage lipids (non-polar, or 
neutral) and structural lipids (polar) (Sharma et al. 2012; Figure 1). Storage lipids in eukaryotic 
algae are most commonly TAGs and may constitute up to 80% of the total lipid fraction 
(Tornabene et al. 1983, Borowitzka 2010a). Structural lipids typically have a high content of 
PUFAs and include important components of cell membranes such as polar phospholipids and 
sterols (Sharma et al. 2012). In algae, structural lipids maintain specific membrane functions and 
some polar lipids may also act as key intermediates (or precursors) in cell signalling pathways 
and play a role in responding to environmental changes (Sharma et al. 2012). Glycolipids 
(glycosylglycerides) are located predominantly in photosynthetic membranes and have been 
reported to have various specific biological activities including anti-inflammatory, anti-tumour-
promoting, haemolytic and antiviral properties (Reshef et al. 1997, Guschina and Harwood 
2009). Fatty acids are constituents of most algal lipids, rarely occurring in the free form but are 
mainly esterified to glycerolipids; in algae, major classes of glycerolipids are phosphoglycerides, 









Figure 1: Some common types of storage and membrane lipids. All types shown here have either 
glycerol or sphingosine as the backbone (pink), to which are attached one or more long-chain alkyl 
groups (yellow) and a polar head group (blue). Abbreviations: Gl – glycerol, FA – fatty acid, PO4 – 
phosphate, Al – alcohol, Sp – sphingosine, Ch – choline, M/Os – mono- or oligosaccharide, M/Ds – 
mono- or disaccharide, SO4 – sulphate. Adapted from Nelson and Cox (2008). 
Lipids in microalgae are generally esters of glycerol and FAs with a chain-length of C14 to C22, and 
may be either saturated or unsaturated (Borowitzka 2010a; see Box 2). Some common FAs found 










Major algal membrane lipids include: 
• sulphonoquinovosyl diglyceride (SL) 
• monogalactosyl diglyceride (MGDG) 
• digalactosyl diglyceride (DGDG), mainly occurring in the chloroplast 
• phosphatidyl glycerol (PG) and phosphatidyl ethanolamine (PE), found mainly in the 
plasma membrane and the endoplasmic membrane systems  






Table 2: Fatty acids found in microalgae, including the number and position of double bonds. Modified 
from El Semary  (2011). 





Position of double 
bonds 
Caproic SFA 10 0 - 
Lauric SFA 12 0 - 
Myristic SFA 14 0 - 
Palmitic SFA 16 0 - 
Palmitoleic MUFA 16 1 9 
Stearic SFA 18 0 - 
Oleic MUFA 18 1 9 
Linoleic PUFA (ω9) 18 2 9, 12 
γ-Linolenic PUFA (ω6) 18 3 6, 9, 12 
AA PUFA (ω6) 20 4 6, 9, 12, 15 
EPA PUFA (ω3) 20 5 3, 6, 9, 12, 15 
DHA PUFA (ω3) 22 6 3, 6, 9, 12, 15, 18 
 
There are some general patterns in the types of lipids found in the different algal taxa which, as 
detailed above, has implications for their utility as biodiesel feedstock (Borowitzka 1988). For 
example, linolenic acid (18:3) is common in green algae as in higher plants; however, linoleic 
acid (18:2) is only a minor constituent in Bacillariophyceae (Kates and Volcani 1966, Borowitzka 
1988). Although there are a variety of lipids found in various algae, this review will focus on the 
FAs contained in TAGs, as these are of the most relevance to biodiesel production. 
The level of saturation refers to the number of double bonds present between carbon 
atoms; saturated FAs (SFAs) contain no double bonds, monounsaturated FAs (MUFAs) 
contain a single double bond, and PUFAs contain two or more double bonds. In standard 
IUPAC terminology, double bonds are designated using the Δ configuration, representing 
the distance from the carboxyl carbon (carbon number 1). However, shorthand 
identifications of FAs are common. In PUFAs, the number of carbons is followed by a colon, 
then the number of double bonds and the position of the double bond closest to the 
methyl end of the FA molecule denoted by n- or ω (O'Keefe 2008). For example, Omega-6 
PUFA arachidonic acid (AA), with 20 carbons and 4 double bonds, the first of which occurs 
between carbons 6 and 7 from the methyl end, is termed 20:4(ω-6); 20:4, n-6 or 
sometimes simply 20:4-6. Omega (ω) is the last character in the Greek alphabet and 
specifies that the carbons are being counted from the methyl end of the molecule. 
Although standard IUPAC terminology dictates that the FA be named after the parent 
hydrocarbon (e.g. an 18 carbon carboxylic acid is called octadecanoic acid, from 
octadecane), common names often resulting from the first identified botanical or 





For biodiesel production, high levels of TAGs are desirable since FAMEs are produced from 
esterification of the fatty acids contained therein. Vegetative algal cells mainly store energy in 
the form of starch, with large deposits commonly found in chloroplasts (Thompson 1996). 
However, when growth is limited (due to nutrient deprivation, for example) carbon is diverted 
to other storage compounds (i.e. lipids), and cells begin to accumulate TAGs. TAGs are mostly 
synthesised in the light, stored in lipid globuli in the cytosol, then reutilised for polar lipid 
synthesis in the dark (Otsuka and Morimura 1966, Thompson 1996). The reduction in growth 
diminishes the need for the synthesis of new membrane compounds, and cells instead divert 
and deposit FAs into TAGs until conditions improve (Guschina and Harwood 2009). In this way, 
conditions which are optimal for growth often do not result in TAG accumulation, and therefore 
there is generally a trade-off between optimising growth and TAG content.  
The amount and types of lipids produced and stored by cells may vary widely due to differences 
across species and strains and also the conditions under which they are grown. Apart from their 
utility as storage molecules, other benefits of TAG accumulation in microalgae include an energy 
sink when cells are exposed to an energy imbalance caused by nutrient limitation (Klok et al. 
2013). A combination of nitrogen limitation and excess light absorption resulted in a four-fold 
increase in TAG production for oleaginous green microalga Neochloris oleoabundans, as well as 
a reduction in membrane lipids with no strong rise in total FA (TFA) content and decreased 
chlorophyll content (Klok et al. 2013). Another benefit of TAG accumulation is a reservoir for 
specific FAs. Although most algae are limited in their ability to accumulate PUFA since these are 
generally strictly regulated components of membranal lipids, the high levels of Omega-6 FA, 
arachidonic acid (AA), in green oleaginous microalga Parietochloris incisa are proposed to be 
part of a buffer system allowing the organism to swiftly adapt to environmental changes by rapid 
membrane reorganisation when the de novo synthesis of PUFAs may be slower (Bigogno et al. 
2002). PUFAs protect against damage caused by high light intensity and UV radiation, especially 
at low temperatures and when the studied strain is subjected to a wide range of temperatures 
and high light intensities in its native habitat (Whitelam and Codd 1986, Bigogno et al. 2002). 
Thus, it is evident that the complex biochemical pathways of lipid synthesis and storage have 
evolved to accommodate fluctuations in nutrient availability, temperature and other 
environmental challenges. In this way, both the identity of taxa and the environmental 
conditions to which they are exposed will dictate what quantities and types of lipids will be 




Factors that influence the lipid content and profile of microalgae 
For biodiesel production, the response in lipid content to changes in environmental conditions 
has led to a wide range of studies directed at identifying and controlling efficient lipid production 
conditions, often in the form of environmental stressors as reviewed by Sharma et al. (2012). 
These stressors include nutrients stress, osmotic stress, radiation, pH, temperature, heavy 
metals and other chemicals (Rodolfi et al. 2009, Sharma et al. 2012; see Table 1 for summary). 
Changes in lipid composition in response to environmental conditions reflect either 
modifications in cellular membrane properties, such as permeability and fluidity, or alterations 
to relative rates of production and utilisation of storage lipids (Roessler 1990). The rapid 
response of microalgae to environmental stimuli by altering lipid metabolism is critical for 
survival and the optimisation of growth over a wide range of conditions, and also has 
implications for the production of lipid-based compounds and subsequent commercial 
exploitation (Roessler 1990).  
Species selection 
Since characteristics of microalgae vary widely across species and strains, much research effort 
has been directed towards isolating, examining and comparing various types of microalgae to 
find the optimal candidates for biofuel production (e.g. Li and Qin 2005, Montero et al. 2011, 
Chaichalerm et al. 2012, Přibyl et al. 2012). There has been a collective emphasis on the 
importance of the selection of fast-growing and hyper-lipid producing strains to maximise 
overall lipid productivity for conversion to biodiesel (see Mutanda et al. 2011 for review on 
"bioprospecting"); however, often these two traits are inversely related. It is evident from the 
literature that there is strong variation in the amount of lipids that different species produce 
(Table 3). In particular, colonial green freshwater microalga Botryococcus braunii has attracted 
much attention as a biofuels candidate due to its ability to accumulate hydrocarbons at levels 
up to 75% of its dry weight (Banerjee et al. 2002). As a result of the energetically expensive 
nature of hydrocarbon production, observed growth of this alga is generally slow, and this has 
further driven specific strain selection and research into conditions which optimise lipid 
production (Banerjee et al. 2002, Dayananda et al. 2005, Li and Qin 2005). Other species that 
maintain reasonable quantities of lipids but also reasonable growth rates include Chlorella spp., 
Scenedesmus and Desmodesmus spp. and Nannochloropsis spp., and these are commonly 
targeted for biofuels research. Even genetic modification is being applied to achieve this, 
although it is a minor issue in a large system of production costs that will be of limited 




regarding use of genetically modified strains of microalgae (Sharma et al. 2012). For this reason, 
this review will focus on environmental aspects of optimising lipid production rather than 
genetic engineering of metabolic pathways, but for more information on genetic improvement 
of microalgae see reviews by Courchesne et al. (2009), Radakovits et al. (2010) and Yu et al. 
(2011).  
Table 3: Reported oil content and habitats of some microalgae. Pan et al. (2011); modified after Chisti 
(2007) and Rodolfi et al. (2009). 
Microalga Oil content (% dry weight) Habitat 
Botryococcus braunii 25–75 Fresh water/estuary 
Monodus subterraneus UTEX 151 16.1 Freshwater 
Chlorella vulgaris CCAP 211/11b 19.2 Freshwater 
Chlorococcum sp. UMACC112 19.3 Freshwater 
Scenedesmus sp. F&M-M19 19.6 Freshwater 
Scenedesmus sp. DM 21.1 Freshwater 
Chlorella sp. 28–32 Freshwater 
Neochloris oleoabundans 35–54 Freshwater 
Desmodesmus sp. 12-58 Freshwater 
Crypthecodinium cohnii 20 Marine 
Tetraselmis suecica 15–23 Marine 
Monallanthus salina >20 Marine 
Dunaliella primolecta 23 Marine 
Phaeodactylum tricornutum 20–30 Marine 
Isochrysis sp. 25–33 Marine 
Nannochloris sp. 20–35 Marine 
Cylindrotheca sp. 16–37 Marine 
Pavlova salina CS49 30.9 Marine 
Skeletonema sp. CS252 31.8 Marine 
Chaetoceros muelleri F&M-M43 33.6 Marine 
Pavlova lutheri CS182 35.5 Marine 
Chaetoceros calcitrans CS178 39.8 Marine 
Nitzschia sp. 45–47 Marine 
Nannochloropsis sp. 31–68 Marine 
Schizochytrium sp. 50–77 Marine 
Nutrients 
Role of nutrients in algal growth 
The form and quantity of macronutrients available to microalgae affect growth and lipid content 
of cells (Table 1). Moreover, different microalgae have diverse nutrient ratio preferences or 
trace element requirements and respond differentially to variances in nutrient availability 
(Borowitzka 2010a; Table 1). As there is often a trade-off between cell growth and lipid 
accumulation in microalgae, the optimum nutrient levels for growth are often not equivalent to 
optimum levels for lipid content. This has led to considerable research dedicated to investigating 




thought to be necessary for green algal growth are N, P, K, Mg, Ca, S, Fe, Cu, Mn and Zn (Oh-
Hama and Miyachi 1988 and references contained therein). Additionally, diatoms require Si for 
the construction of their unique silica cell walls (frustules). In addition to these nutrients, many 
algae cannot synthesise vitamins (auxotrophy), and thus require a combination of three B 
vitamins: vitamin B12 (cobalamin), vitamin B1 (thiamine) and vitamin B7 (biotin) (Provasoli and 






Table 4: Some macronutrients and micronutrients needed for algal growth and their role in algae. 
Adapted from Oh-Hama and Miyachi (1988) and (Croft et al. 2006). 
Nutrient Symbol Macro/ 
micronutrient 
Role 
Potassium K Macronutrient Major cytoplasmic cation in plant cells 
Required for starch synthesis enzyme and 
pyruvate kinase 
Magnesium Mg Macronutrient Component of chlorophyll, ribosomes and 
chromosomes 
Required in many enzyme reactions 
Biological activation of ATP  
Sulphur S Macronutrient Component of some proteins and sulpholipids 
Chloride Cl Macronutrient Associated with chloroplast activities; required 
specifically for photosystem II activity 
Manganese Mn Micronutrient Constituent of superoxide dismutase (catalyses 
the conversion of superoxide radical to hydrogen 
peroxide and O2) 
May be functionally associated with the O2-
evolving centre of the photosynthetic electron 
transport chain 
Iron Fe Micronutrient Constituent of cytochromes, ferredoxin and 
superoxide dismutase 
Zinc Zn Micronutrient Constituent of carbonic anhydrase (catalyses the 
reversible hydration of CO2 and may enhance the 
rate of photosynthetic CO2 fixation under low CO2 
conditions) 
Copper Cu Micronutrient Constituent of plastocyanin (forms part of the 
electron transport chain between the two 
photosystems) 
Constituent of cytochrome oxidase and 
superoxide dismutase 
Molybdenum Mo Micronutrient Constituent of nitrate reductase (catalyses the 
reduction of nitrate to nitrite – not necessary if 
urea is the sole nitrogen source)  
Thiamine B1 Vitamin Cofactor associated with a number of enzymes 
involved in primary carbohydrate and branched-
chain amino acid metabolism; active form is 
thiamine pyrophosphate (essential for all 
organisms) 
Biotin B7 Vitamin Cofactor for several essential carboxylase 
enzymes including acetyl coenzyme A (CoA) 
carboxylase (involved in fatty acid synthesis) 
Cobalamin B12 Vitamin Cofactor for enzymes that catalyse either 
rearrangement-reduction reactions or methyl 
transfer reactions 
Nitrogen is a major nutrient influencing the productivity of aquatic ecosystems, as it is an 
essential component of protein and other constituents of cellular protoplasm, and it is also the 




Microalgae generally respond to nitrogen deficiency with a decrease in growth rate and an 
increase in total lipids, mainly TAGs (Table 1). Notable exceptions to this are green algae 
Dunaliella spp. and Tetraselmis suecica, which actually exhibit a decline in lipid content under 
nitrogen-limited conditions, and blue-green algae, where N limitation has little or no effect on 
lipid content (Piorreck et al. 1984, Thomas et al. 1984, Ben-Amotz et al. 1985, Borowitzka 1988; 
Table 1). Owing to this, nitrogen limitation is not always a useful approach to enhance lipid 
production in microalgae but, as these cases are in the minority, it is generally the most often 
manipulated parameter. 
Sources of nutrients and interaction of conditions 
The source or form of nutrients available for growth also has a significant effect on lipid content 
and FA distribution in some microalgae (Borowitzka 2010a). Various algae have demonstrated 
preferences for different sources of nitrogen. Common sources of nitrogen used in algal culture 
are ammonium salt, nitrate (NO3-) and urea (CH4N2O), with algae reducing the latter two to 
ammonium (NH4+) before incorporating them into organic compounds (Oh-Hama and Miyachi 
1988). Green marine microalga Dunaliella tertiolecta, for example, has demonstrated a 
preference for NO3- over NH4+ for growth, despite the fact that NO3- must first be reduced to 
NH4+ in order to be used by algae (Payne 1973, Chen et al. 2011). In fact, high concentrations of 
environmental ammonium have been found to inhibit cell growth (Chen et al. 2011). However, 
authors have focused on growth and have not compared lipid content or profile between 
nutrient sources.  
Although lipid accumulation is often associated with stressful conditions which simultaneously 
have a negative effect on growth rate, certain nutrient conditions may support both an increase 
in lipid content and an increase in growth, which is of vital importance for lipid optimisation 
research. Li et al. (2008) report that Neochloris oleoabundans exhibit fastest growth using nitrate 
as a nitrogen source, followed by urea and then ammonium. Additionally, they found both lipid 
content and lipid productivity to be significantly higher under nitrate conditions, resulting in 4.6 
and 2.7 times higher lipid productivity than that using ammonium and urea respectively.  
Although it is tempting to simplify the complex nature of algal responses to environmental 
conditions by considering these influences separately, consideration must be paid to interactive 
effects. The type of nitrogen source used for algal culture has implications for pH, as absorption 
of nitrogen as ammonium (NH4+) or nitrate (NO3-) with algal growth results in changes in pH of 
the medium. Consumption of NO3- ions causes pH to increase, whereas uptake of NH4+ ions 




changes in the pH of the medium (Oh-Hama and Miyachi 1988 and references therein). Since 
CO2 addition also affects pH (see section on Carbon dioxide and pH stress), these factors have 
an interactive effect on algal growth. Huang et al. (2012) grew chlorophyte Desmodesmus sp in 
municipal wastewater containing dissolved organic nitrogen (DON), ammonium, nitrate and 
nitrite as nitrogen sources with the addition of various levels of CO2. Although they did not 
analyse FA content or quantify lipids in any way, their results showed that efficiency of DON, 
nitrate and nitrite utilisation varied depending on CO2 addition. Although ammonium utilisation 
did not differ significantly with CO2 addition, the highest rate of CO2 addition (10%) resulted in 
1.5 times higher initial levels of ammonium in the medium. This was due to the differences in 
pH which resulted from the 20 hours of bubbling before inoculation, with ammonia in cultures 
with higher pH being stripped out in the form of gas. Thus, ammonium together with the 
bubbling of CO2 contributed most to accelerated growth for this isolate of Desmodesmus sp., 
highlighting the importance of understanding the interactive effects of CO2 addition, pH and 
various N sources on algal growth. A buffer solution may be used to combat negative effects of 
reduced pH when using ammonium as a nitrogen source. Xin et al. (2010) found that freshwater 
Scenedesmus sp. LX1 preferred ammonium to urea and nitrate. However, this resulted in low 
maximum algal density and lowered N and P removal efficiencies due to the inhibitory effect of 
the increasingly acidic culture medium. However, they did not analyse lipids.   
Once again, studies of different microalgal species highlight the importance of understanding 
the specific nutrient requirements of selected microalgal species and optimising nutrient 
sources accordingly. Lourenco et al. (2002) tested the growth and biochemical profile of 10 
marine microalgae supplied with nitrate, urea or ammonium as N source and, in most species, 
differences in chemical profiles resulting from different N sources were evident, but few general 
trends could be identified even within the same taxonomic group. They found no significant 
effect of N source on growth rate; however, 7 of the 10 species tended to produce lower 
percentages of PUFAs with urea as a N source. Liang et al. (2006) also report no significant 
difference in growth rates comparing nitrate, urea and ammonium as N sources for marine 
diatoms Phaeodactylum tricornutum and Chaetoceros muelleri, although FA content was 
altered. Use of ammonium resulted in maximal SFA, use of nitrate in maximal MUFA and use of 
urea in maximal PUFA.  
Although nitrogen is the most commonly manipulated nutrient with regard to the effects of 
different sources on growth and/or lipid content (e.g. Fidalgo et al. 1998, Lourenco et al. 2002, 




nutrients are available in various forms and may also influence these factors. Lin et al. (2007) 
examined the changes in lipid bodies and fatty acid composition of marine microalga Isochrysis 
galbana in response to different iron, nitrogen and phosphorus sources. They substituted malic 
acid-Fe(III) for EDTA-Fe(III) as iron source, NH4NO3 for NaNO3 as a nitrogen source, and P2O5 for 
NaH2PO4 as a phosphorus source. Although none of these nutrient source manipulations had 
any effect on total lipid content, growth, measured as maximum specific growth rate, was 
greater using NH4NO3 than NaNO3. All substitutions also resulted in alterations to FA 
composition such as the ratio of PUFA to SFA+MUFA and both content and ratios of Omega-3 
and Omega-6 FAs.  
Nutrient starvation 
Starving microalgal cells of nutrients other than carbon may increase oil accumulation by 
inducing a lipid storage phase whereby excess carbon, still available for uptake and usage, is 
converted preferentially into storage lipid materials (TAGs) (Ratledge 2010). In this way, lipid 
accumulation is a stress-induced response with oil acting as an intracellular reserve material able 
to reintroduce carbon and energy into the metabolic processes of the cell when conditions 
become suitable (Ratledge 2010). In batch cultures, many species have been shown to increase 
total lipid content in this way as the culture ‘ages’ and reaches stationary phase (Borowitzka 
2010a; Table 5). However, owing to the simultaneous reduction in growth rate due to nutrient 
limitation, overall lipid productivity declines (Borowitzka 2010a). For the induction of lipid 
production in microalgae via nutrient starvation, the most commonly manipulated nutrient is 
nitrogen (Table 1). 
Table 5: Change in total lipid content (% dry weight) with age of culture or between log and stationary 
growth phases for various species of microalgae (from Borowitzka 2010a) 
Species Change in Lipid  
(% of dry weight) 
Reference 
 
Chlorella vulgaris 22-28 (Collyer and Fogg 1955) 
Scenedesmus obliquus 19-32 (Piorreck et al. 1984) 
Botryococcus braunii 23-34 (Belcher 1968) 
Euglena gracilis 24-65 (Piorreck and Pohl 1984) 
Amphora sp. 11.7-15.7 (Barclay et al. 1985) 
Navicula pelliculosa 14.5-19 (Piorreck and Pohl 1984) 
Phaeodactylum tricornutum 24-29 (Piorreck and Pohl 1984) 
Phaeodactylum tricornutum 23-35 (Chrismadha and Borowitzka 1994) 
Thalassiosira pseudonana 7.8-21.6 (Fisher and Schwarzenbach 1978) 





Nutrient limitation-induced increases in TAG generally lead to decreased proportions of PUFA in 
most algae (Guschina and Harwood 2009). This pattern has emerged from studies of many very 
different species of microalgae, since more fatty acyl groups of TAG tend to be saturated and 
monounsaturated relative to those of the polar glycerolipids, There is, however, still 
considerable variation amongst algal taxa in changes in FA composition induced by nutrient 
limitation since FA composition of TAG often differs across algal taxonomic groups (Guschina 
and Harwood 2009). This is relevant to the suitability of algal lipids for conversion to biodiesel 
since unsaturation of FAs affects characteristics of the resultant biodiesel such as reduced 
viscosity and reduced lubricity.  
Nutrient starvation is commonly applied in a two-phase strategy to optimise lipid production: 
an N-sufficient biomass production phase followed by an N-deprived oil production phase. 
Rodolfi et al. (2009) compared different strategies for lipid production of the marine 
eustigmatophyte Nannochloropsis sp.: a one-phase strategy in nutrient-limited medium and a 
two-phase strategy with a nutrient-sufficient biomass production phase followed by a nutrient-
deprivation-induced lipid production phase. The one-phase nutrient-limited strategy revealed a 
general pattern where the lower the N available, the lower the biomass productivity and the 
higher the lipid content. Lipid content increased substantially only under severe N-limitation 
(2.5% and 1.25% N), but this did not improve lipid productivity due to the reduction of biomass 
productivity. The two-phase strategy consisted of four treatments: a control of nutrient replete 
medium, and the other three accomplishing nutrient deprivation by daily harvesting of 40% 
culture volume and replacing with N-, P- or both N- and P-deficient medium. In the P-deprived 
culture, there was no increase in lipid productivity due to the substantial decrease in biomass 
productivity countering the increase in lipid content after four days of growth. In contrast, the 
N-deprived culture steadily increased lipid content from 32 to 60% by Day 3 and, coupled with 
a relatively high biomass productivity maintained for the first four days, resulted in a 174% 
increase in lipid productivity, which could deliver substantial benefits in a commercial system. 
Limiting nutrients other than nitrogen may also influence growth and lipid production in 
microalgae. Freshwater diatom Stephanodiscus minutulus has been grown under conditions of 
silicon, nitrogen and phosphorus limitation, with a resultant increase in TAG accumulation and 
a decrease of polar lipids (as percentage of total lipids) in all of the nutrient-limited cultures 
(Lynn et al. 2000). Khozin-Goldberg and Cohen (2006) subjected freshwater eustigmatophyte 
Monodus subterraneus to phosphate limitation conditions and found a subsequent decrease in 




levels (6.5% to 39.3%). Moreover, the proportion of phospholipids was significantly reduced 
(8.3% to 1.4%), and the proportion of the major very long-chain PUFA (VLC-PUFA) – EPA – also 
decreased with decreasing phosphate availability.  
Heavy metals stress 
Stress induced by environments of higher concentrations of heavy metals like cadmium, iron, 
copper and zinc has also been shown to result in increased lipid content in some microalgae 
(Einicker-Lamas et al. 1996, Einicker-Lamas et al. 2002, Liu et al. 2008, Sharma et al. 2012). In 
the freshwater protozoan Euglena gracilis, cadmium exposure caused inhibition of cellular 
proliferation, probably due to resultant defects in the structure of chloroplasts and 
mitochondrial membranes, resulting in increased total lipid and protein contents (Einicker-
Lamas et al. 1996, Einicker-Lamas et al. 2002). The increase in total lipids was due to a higher 
concentration of cholesterol and phosphatidylglycerol (PG), a chloroplast membrane marker 
lipid, although there was no change in total phospholipid content (Einicker-Lamas et al. 1996). 
For the same alga, exposure to copper and zinc also induced a significantly higher cellular protein 
content, indicating an impairment of cell division in heavy metal-exposed cells (Einicker-Lamas 
et al. 2002). Copper lead to a 2-fold increase in lipids, whereas zinc caused a 2.6-fold increase; 
however, specific lipid classes were not analysed in this study.  
High heavy metal concentrations may also induce early onset of stationary phase which, 
together with increased total lipid contents, may reduce biofuel production costs by decreasing 
the growth period between harvesting events. The chlorophyte Chlorella vulgaris exposed to 
1.2 x 10⁻⁵ mol.L⁻¹ FeCl3 exhibited slightly suppressed cell growth and early onset of stationary 
phase, but the total lipid content increased to 3-7 times that of the lower iron concentrations 
(up to 56.6% dry weight) (Liu et al. 2008).  
Utilisation of heavy metals to induce lipid production may also be beneficial for industries which 
produce metal-laden effluent, to reduce their detrimental effect on the environment. 
Salinity stress 
Microalgae may respond to increased salinity by reducing the fluidity and permeability of the 
membranes through increasing the degree of FA saturation. This response is especially 
important in species such as marine chlorophyte Dunaliella which lacks a cell wall, as it prevents 
possible leakage of the compatible solute, glycerol, out of the cell and diffusion of potentially 
harmful ions into the cell as the cell internal osmotic pressure increases with increased salinity 




NaCl resulted in an increase in the proportion of SFA and MUFA whilst decreasing total PUFA by 
about 10% for Dunaliella sp., with all Omega-3 FAs showing negative trends to salinity. Similarly, 
Nannochloropsis sp. responded to lowered salinity with enhanced TFA and PUFA contents (Hu 
and Gao 2006). 
Halostress may result in reduced growth of microalgae and an elevated carotene to chlorophyll 
ratio. Dunaliella salina exposed to various salinities displayed markedly inhibited growth at 
higher salt concentrations (above 15% NaCl), along with increased stationary phase cell size and 
a significantly increased carotene to chlorophyll ratio (Al-Hasan et al. 1987). Total lipid content 
of cells decreased with increasing salinity, but there was a large increase in proportions of 
constituent linolenic acid (18:3) both in total lipids and in galactolipids, and of the PUFA 
palmitoleic acid (16:1) in PGs. The overall proportion of PGs also increased with increasing 
salinity. The authors deduced that the maintenance of actively functioning photosynthetic sites 
within cells appears to be essential for the persistence of this alga at extreme salinities. This was 
unsurprising since glycerol, the osmoregulator for this organism, is produced via photosynthesis 
(Wegmann 1971, Ben-Amotz and Avron 1973). Dunaliella salina evidently elevates the carotene 
to chlorophyll ratio to combat halostress-induced injury to the chloroplast, and the thylakoids 
that remain intact become better qualified for photosynthesis. This is reflected in the fact that 
the major lipid classes in cells exposed to halostress were those characteristic of photosynthetic 
membranes: large proportions of galactolipids with high levels of 18:3 and phosphatidylglycerols 
with considerable proportions of 16:1 (Kates 1970, Al-Hasan et al. 1987).  
Freshwater algae, which are less accustomed to large fluctuations in and/or high levels of 
salinity, may respond differently to halostress than their marine counterparts. Yeesang and 
Cheirsilp (2011) isolated four strains of green microalgae Botryococcus spp. from lakes and 
freshwater ponds in southern Thailand, from natural habitats ranging from 17.2 to 54.6 mM 
NaCl. When exposed to salt concentrations of 0, 43 and 86 mM NaCl, three of the four strains 
exhibited decreased growth and decreased total lipid content with increasing salinity, with no 
significant effect on the fourth. In contrast, Ben-Amotz and Tornabene (1985) found that, whilst 
halo-stressed Botryococcus braunii reduced growth rate compared to the control, lipid content 
was slightly increased. Other effects of note were a reduced protein content and a decrease in 
chlorophyll contents. 
pH stress, carbon dioxide addition and other influential factors 
Variations to the pH of culture media have been found to alter the lipid composition of 




of CO2. Adding CO2 to water lowers the pH of the solution due to the formation of carbonic acid 
in the following equilibrium equation: CO2(aq) + H2O(l) ⇌ H+(aq) + HCO3–(aq). An adequate 
carbon supply is an important concern for the culture of algae, as carbon may make up 
approximately half of the dry weight of microalgae, as shown for Chlorella vulgaris and 
Scenedesmus obliquus (Goldman and Graham 1981). Autotrophic growth involves fixation of 
CO2, which is hydrated when dissolved in water and exists in three different forms: free CO2, 
bicarbonate (HCO3-) and carbonate (CO32-). Some species use mainly CO2 in photosynthesis, 
while others use HCO3- in addition to CO2 (Oh-Hama and Miyachi 1988). The relative 
concentrations of each component depend on the pH of the solution (Oh-Hama and Miyachi 
1988). Furthermore, solubility and rate of hydration of CO2 are influenced by both temperature 
and pH. Increasing pH increases the rate of CO2 transfer into liquid phase, whereas increasing 
temperature decreases this rate (Oh-Hama and Miyachi 1988). In this way, temperature and pH 
interact to affect carbon availability for algal growth and lipid production. 
The pH of a medium also has implications for precipitation of compounds present in the 
medium, which is of great importance to microalgal cultivation, since compounds which 
precipitate are no longer bioavailable for uptake and growth. For example, the binding capacity 
of calcium to phosphate is pH-dependent, and increases at elevated pH values (Santos et al. 
2012). Therefore, the pH of culture medium should be kept within a range that discourages 
precipitation of nutrient compounds. 
Generally, altering the pH of culture media either below or above the optimum range for 
microalgal species may act as a stressor for cells, inducing lipid storage in the form of TAGs and 
altering the FA composition particularly of membrane lipids, generally shifting towards 
increased saturation to decrease membrane fluidity (Tatsuzawa et al. 1996). TAG accumulation 
may also prevent the osmotic imbalance caused by high concentrations of acid, as shown for 
acidophilic Chlamydomonas sp. (Tatsuzawa et al. 1996). Alkaline pH stress of Chlorella strain 
CHLOR1 resulted in lipid accumulation, predominantly TAG, independent of medium nitrogen 
or carbon availability (Guckert and Cooksey 1990). Cell growth inhibition led to increased TAG 
accumulation but a decrease in both membrane lipid classes, glycolipid and polar lipid. The FA 
profile of TAG lipids remained relatively stable with pH stress, whereas membrane lipid FA 
profiles became more saturated.  
Incrementally adjusted pH stress may induce different effects to constant pH stress, a strategy 
which may be used to optimise lipid production. During initial stages of growth, more permissive 




production due to pH stress conditions (Skrupski et al. 2013). In this way, incremental stress 
treatments can be likened to the two-phase growth strategy of nutrient deprivation: cell growth 
under favourable conditions followed by lipid production induced by unfavourable growth 
conditions. Alternatively, damaging effects of high levels of CO2/low pH may be mitigated by 
increasing the inoculated cell density and pre-adapting cells to a more favourable lower CO2 
concentration to promote the growth capacity of cultures (Yung and Mudd 1966). 
Temperature stress 
Temperature stress has been shown to have a significant effect on the fatty acid composition of 
microalgae (Sharma et al. 2012; Table 1). Generally, decreasing temperature results in an 
increase in the level of unsaturation of FA and vice-versa (Hu and Gao 2006, Xin et al. 2011, 
James et al. 2013). For example, for the green alga Dunaliella salina, a shift in temperature from 
30°C to 12°C significantly increased the level of lipid unsaturation by 20% (Thompson 1996). 
Fluidity of cell membranes increases with FA unsaturation since FAs with carbon-carbon double 
bonds physically cannot be as densely packed as saturated FAs. Membrane fluidity is decreased 
at lower temperatures, so this response of increasing unsaturation maintains membrane 
function and provides an adaptation to changes in the environment (Sharma et al. 2012). This is 
relevant for biodiesel production since a favourable FA profile may reduce the extent of costly 
refining for biofuels (James et al. 2013) 
Overall, the effect of temperature on total lipid content is difficult to interpret, as findings are 
inconsistent (Borowitzka 2010a). For example, an increase in temperature resulted in increased 
total lipid contents for Ochromonas danica and Nannochloropsis salina (Boussiba et al. 1987), 
whereas temperature had little effect on total lipid contents of Chlorella sorokiniana (Patterson 
1970). Different algae have diverse optimum temperatures for growth and different strategies 
for surviving stress conditions, which are likely influenced by the range of conditions to which 
they are exposed in their native habitat.  
It merits mention that temperature control of open systems of algal cultivation is considered 
unfeasible at best, and that maintaining, decreasing or increasing temperature is a strategy 
confined to closed system photobioreactors, which are comparatively costly to construct and 
operate. One way of addressing the issue of seasonal fluctuations in ambient temperatures for 
open systems is the use of different strains or species for different seasons, e.g., summer or 
winter strains. Efforts are also underway to use flue gases and other heat sources to encourage 




UV radiation stress 
Ultraviolet radiation (UV-R) can cause damage to cell membranes and DNA, and in microalgae 
has been shown to affect lipid content and composition. Specifically, PUFAs are generally 
considered to be sensitive to oxidation by UV-R (Guihéneuf et al. 2010). UV-R is also known to 
reduce the capacity of microalgae to absorb inorganic nutrients, and it is the deficiency of these 
nutrients (nitrogen, phosphate and dissolved inorganic carbon) that is often considered to be 
the cause of many changes in microalgal biochemical composition (Hessen et al. 1997, Khozin-
Goldberg and Cohen 2006, Guihéneuf et al. 2010). Moreover, it is generally accepted that UV-R 
degrades chloroplast photosynthetic pigments and proteins, disrupting photosynthetic function 
(Renger et al. 1989, Guihéneuf et al. 2010). Liang et al. (2006) found that marine diatoms 
Phaeodactylum tricornutum and Chaetoceros muelleri exposed to UVA and UVB radiation 
resulted in inhibition of maximum effective quantum yield of PSII, φPSIIe-max, and the initial slope 
of the light curve, α. 
There is considerable variation amongst different microalgal species in lipid composition 
alterations in response to UV-R. For example, some studies revealed an overall increase in levels 
of both SFAs and MUFAs, and a decrease in PUFA levels of total lipids in microalgae in response 
to UVB-R exposure (Goes et al. 1994, Wang and Chai 1994), whilst others did not find any 
significant UV-R-induced changes in FA composition (Sundbäck et al. 1997, Skerratt et al. 1998). 
Furthermore, other microalgal studies have shown increased levels of PUFAs after exposure to 
UV-R (Skerratt et al. 1998, Liang et al. 2006). 
A review on UV-induced changes in microalgal cells by Hessen et al. (1997) revealed several 
general response patterns, although these were not necessarily universal amongst all species 
and studies. Accumulation of intracellular, photosynthetic products (lipids or carbohydrates) 
was a common, though not unique, property of UV-stressed algae. FA profiles seemed 
susceptible to UV-R with a relative increase of short-chained FAs and a decrease in PUFA. 
Important membrane FAs like EPA and DHA seemed particularly susceptible due to lipid 
peroxidation or reduced biosynthesis. Moreover, UVA and UVB radiation were found to promote 
increased cell volumes, owing to a decoupling between the photosynthetic processes and cell 
division. The specific responses of algae to UV-R were highly dependent on taxonomy, cell-cycle 
stage, nutrient limitation and the ratio of UV-R to photosynthetically active radiation (PAR). So 
diverse are the responses of microalgae to UV-R that low levels have actually been shown to 





Light has been shown to induce many effects on algal lipid metabolism and thus lipid 
composition, with qualitative changes in lipids as a response to various light conditions 
associated with alterations in chloroplast development (Harwood 1998). Chloroplast 
development is induced by light, and these organelles have been shown to be major sources of 
lipid synthesis (Harwood 1998). Changes in light may be either quantitative or qualitative, i.e., 
associated with light intensity or wavelength, respectively.  
Light availability often limits the growth rate of microalgae, but levels of irradiance which are 
too high decrease the growth rate as a result of photoinhibition (e.g. García Sánchez et al. 1996, 
Fernández Sevilla et al. 1998). For photo-autotrophic algae, growth rate is a non-linear function 
of irradiance levels. At low photon flux densities, growth rate increases linearly with irradiance 
levels; however, at high levels of light intensity, growth rate becomes light-saturated (Sukenik 
et al. 1989). 
Generally, low-light conditions trigger increased production of chloroplasts and their polar lipid 
membranes as the light-capturing organelle of cells. This means that low light levels largely 
result in the formation of polar lipids, especially those associated with thylakoid membranes, 
while high light levels lead to a decrease in polar lipids and an increase of non-polar storage 
lipids, mainly TAGs (Sukenik et al. 1989, Fábregas et al. 2004). High light levels also result in 
oxidative damage of PUFA (Guschina and Harwood 2009). 
Alterations in lipid profile of microalgae in response to changes in light are reflections of changes 
in pigment content and photosynthetic parameters which are involved in light-shade adaptation 
of microalgae (Falkowski 1980). In photosynthetic organisms, photosynthetic pigments are 
incorporated into pigment protein complexes and embedded into the thylakoid membranes 
(Sukenik et al. 1989). Therefore, changes in pigmentation and abundance of pigment protein 
complexes are associated with variations in the quantity of thylakoid membranes and their 
major constituent, galactolipids (Sukenik et al. 1989). Conditions of low light induce 
reorganisation of the photosynthetic apparatus in order to increase light absorption and the 
efficiency of light utilisation (Richardson et al. 1983). Low light conditions lead to increased 
cellular content of photosynthetic membranal complexes as well as increased membrane 
surface area and thylakoid stacking, together with a high synthesis rate of pigment protein 
complexes and galactolipids to maintain the photosynthetic apparatus (Perry et al. 1981, Berner 




A meta-analysis by Richardson et al. (1983) of literature relating to microalgal adaptations to 
different photon flux densities revealed that different algal classes have significantly different 
light requirements for growth and photosynthesis. For example, dinoflagellates and 
cyanobacteria generally grow best at low irradiance levels, diatoms can tolerate a large range of 
light levels, and green algae tend to exhibit relatively high light compensation points and can 
tolerate very high light environments. 
Qualitative changes in light may induce qualitative changes in lipids which are associated with 
alterations in chloroplast development (Harwood 1998). Moreover, from a mass 
cultivation/production viewpoint, feasibility and financial viability of a closed system 
photobioreactor which uses external energy sources to provide light may be increased by 
limiting the input of that energy to the specific wavelengths used by different strains for growth 
and lipid production. Botryococcus braunii displayed best growth in the order of monochromatic 
red, blue and green light-grown cells but no major difference in the production of lipids, 
hydrocarbons, polysaccharides or proteins across the three light treatments (although specific 
lipid class profile and fatty acid composition were not analysed) (Baba et al. 2012). Despite this, 
the identification of red light as the most efficient light source when calculated based on 
photoenergy supplied is useful to decrease production costs.  
The length of light exposure period is also of interest for algal cultivation for biofuels production. 
Reducing the amount of time lights are on, as with limiting the wavelengths emitted, can reduce 
energy input and therefore cost of production for cultivators. Ruangsomboon (2012) tested 
light:dark cycles of 12:12, 14:10, 16:8 and 24:0 hours on growth and lipid content of 
Botryococcus braunii and found that growth increased significantly, 3-4-fold, from 12:12 to the 
three longer exposure times. Lipid content was greatest under 16:8 hour cycle conditions, 
followed by 24:0 and then the two shortest exposure times, and the 16:8 hour cycle had the 
greatest lipid productivity of 0.6 g.L⁻¹. Again, it should be noted that controlling the quantity and 




Section 2: Pigments 
As with all photosynthetic organisms, microalgae use pigments to harvest light energy to 
synthesise carbohydrate molecules from carbon dioxide and water. These pigments are valuable 
molecules which are widely exploited through mass cultivation due to their bioactive properties 
and used as nutraceuticals, cosmeceuticals, and functional foods (Table 6). 
The quality and quantity of light received by microalgae is a major influence on both the quantity 
of various pigments accumulated by cells and also growth rate, which in turn influences total 
production of target pigments per unit of time. The intensity of a light source, that is, the number 
of photons available for photosynthesis, has a marked effect on the amount of pigment 
produced per cell. Generally, light-limiting conditions result in increased pigmentation, that is, 
the increase in number of photosynthetic units and/or the size of light-harvesting complexes 
(Masojidek et al. 2004). This is because more resources are directed towards capturing the 
available light which is necessary for carbohydrate production and subsequent growth. 
Moreover, under supraoptimal irradiance, pigmentation is reduced (Masojidek et al. 2004). In 
contrast, since photon supply is one of the limitations on growth in culture, the growth rate of 
algal cells is positively correlated with light availability (up to a certain point, above which 
photoinhibition occurs), and low light levels often lead to a reduction in biomass production 
(Raven 1988). This trade-off between pigment content and growth necessitates determination 
of optimal light conditions tailored to each strain intended for commercial exploitation, since 
various species of microalgae require distinct light spectra, depending on the major pigments 





Table 6: Summary of existing and potential high-value pigments from microalgae and their application. 
Modified from Borowitzka (2013). 
Product Potential or existing 
algae source 
Applications Selected references 
Carotenoids  
β-carotene 
Dunaliella salina Pigmenter (food), pro-
vitamin A, antioxidant 
(Borowitzka and 
Borowitzka 1989, 
Choudhari et al. 2008, 
Borowitzka 2010b) 




(Cysewski and Lorenz 
2004, Lemoine and 
Schoefs 2010, Rodríguez-
Sáiz et al. 2010, Schmidt 
et al. 2011) 
Canthaxanthin Chlorella spp., other 
green algae 
Pigmenter (aquaculture, 
poultry and food) 
(Arad et al. 1993, 
Hanagata and Dubinsky 
1999, Nasri Nasrabadi 
and Razavi 2010) 





(Jin et al. 2003, Koo et al. 
2012) 
Lutein Scenedesmus spp., 
Muriellopsis sp., other 
green algae 
Antioxidant (Piccaglia et al. 1998, 
Blanco et al. 2007, 
Choudhari et al. 2008, 
Sánchez et al. 2008, 




Dunaliella Antioxidant, cosmetics (von Oppen-Bezalel and 
Shaish 2009) 
Echinenone Botryococcus braunii, 
cyanobacteria 
Antioxidant (Jäger et al. 2002, 
Matsuura et al. 2012) 
Fucoxanthin Phaeodactylum 
tricornutum 









Natural pigment (e.g. 




(Oi et al. 1982, Glazer and 
Stryer 1984, Arad et al. 






The quality of light, i.e. wavelength, available to microalgae for growth also influences the 
amounts of different pigments produced. Photosynthetically active radiation (PAR) denotes the 
spectral range of solar radiation which may be used for photosynthesis and consists of energy 
in the range 400-700 nm. However, various pigments have different absorption peaks, and so 
target pigments may be increased by manipulating light availability at different wavelengths 
(Table 7,Table 8). The production of a combination of pigments with different absorption spectra 
allows microalgae to utilise light in a far broader spectral range than if photosynthetic systems 
consisted of only one such pigment (Carvalho et al. 2011). Similarly, photosynthetic and growth 
efficiencies in different light regimes are reportedly dependent on functional differences in 
pigment composition (Glover et al. 1987). 
Table 7: Photonic features of major pigments in microalgae. Adapted from Masojidek et al. (2004) in 
Carvalho et al. (2011). 




Chlorophylls Green 450–475 
630–675 
Hydrophobic Chlorophyll a 
Chlorophyll b 
Chlorophyll c1, c2, 
d 
Phycobilins Blue, red 500–650 Hydrophilic Phycocyanin 
Phycoerythrin 
Allophycocyanin 










Table 8: Light quality effects on microalgal pigment composition at specific wavelengths. Modified from 
Schulze et al. (2014). 
Light Wavelength 
max. (nm) 
Alga Effects Reference 




Lowest chl. and phycocyanin 
content in biomass compared 
to yellow, green, red and 
white LEDs 
(Chen et al. 
2010) 
 470 Dunaliella salina β-Carotene and lutein 
accumulation when red light 
(660 nm) was supplemented 
with blue [red light alone at 
the same incident photon flux 
inhibited growth and 
carotenoid accumulation]  
(Fu et al. 2013) 
 470 Haematococcus 
pluvialis 
Accumulation of red pigments (Beltran et al. 
2013) 
 380-470 Haematococcus 
pluvialis 
Accumulation of astaxanthin (Katsuda et al. 
2004) 
 n/a Isochrysis T-ISO Lower chl. content per cell 
compared to white FLs 
(Marchetti et al. 
2013) 
 n/a Phaeodactylum 
tricornutum 
Larger pool of xanthophyll 
cycle pigments and higher chl. 
a content compared to red 
and white LEDs (low-light 
conditions) 
(Schellenberger 
Costa et al. 
2013) 
 470 Tetraselmis 
suecica F&M-
M33 
Higher chl. accumulation 
compared to cool white FLs 
and red and green LEDs 
(Abiusi et al. 
2014) 
Green n/a Chlorella vulgaris Higher chl. accumulation 
compared to blue, yellow, 





Red 660 Botryococcus 
braunii Bot-144 
Evidence of higher 
carotenoid/chlorophyll ratio 
compared to blue and green 
LEDs 
(Baba et al. 
2012) 
 630 Tetraselmis 
suecica F&M-
M33 
Reduced chl. content 
compared to cool white FLs 
and blue and green LEDs 
(Abiusi et al. 
2014) 
 600-690 Scenedesmus 
obliquus CNW-N 
and FSP-3 
Lowest lutein content 
compared to blue, green and 
white LEDs 
(Ho et al. 2014) 
Far-
red 
n/a Dunaliella salina 
(syn. D. 
bardawil) 
Reduced chl. a content but 
higher carotenoid levels 
compared to cells grown 
under white FLs 
(Sánchez-






Pigments produced by photosynthetic organisms fulfil two distinct roles: light harvesting and 
photoprotection (Mulders et al. 2014). This is because light not only provides the energy which 
drives all biochemical processes but may also cause lethal damage when present in excessive 
quantities. Pigments contained in microalgae can be grouped into three major classes: 
chlorophylls, carotenoids and phycobilins. Lipophilic pigments such as chlorophylls and 
carotenoids constitute up to 5% of the dry algal biomass (Becker 1988). All algae contain one or 
more of the five types of chlorophyll, which usually amounts to between 0.5-1.5% of their dry 
weight (Becker 1994). Amongst the chlorophylls, the most important is primary pigment 
chlorophyll a, with accessory pigments including chlorophylls b and c, and carotenoids (Carvalho 
et al. 2011). Accessory chlorophylls absorb wavelengths not absorbed by chlorophyll a and 
subsequently pass their energy onto chlorophyll a, whereas the role of carotenoids seems to be 
absorption of excess light energy, thus protecting the integrity of chlorophyll (Carvalho et al. 
2011). Carotenoids are yellow, orange or red pigments which can be divided into two main 
groups: the carotenes and the xanthophylls. All algae contain carotenoids, usually between five 
and ten major forms per species which constitute between 0.1-2% of their dry weight, and may 
fulfil either accessory light harvesting or photoprotective roles (Becker 1994, Solovchenko 
2013). The third major class of microalgal pigments, phycobilins, are hydrophilic compounds 
found only in Cyanobacteria, Rhodophyta, Cryptophyta and Glaucophyta (Borowitzka 2013). 
Phycobiliproteins, that is, phycobilins with a protein attached, fulfil accessory light harvesting 
roles since they pass harvested energy on to chlorophyll a, but in cyanobacteria, red algae and 
cryptophytes constitute the major light-harvesting pigments (Hu et al. 1998, Mulders et al. 
2014).  
Since the commercial success of high-value products from microalgae relies on the ability to 
produce the product at a competitive price, reduction in production costs is imperative. Several 
algal products must also contend with competition from chemical synthesis; this is of particular 
concern for the carotenoids, the majority of which are synthesised artificially (Borowitzka 2013). 
Approaches to reduce costs include reduction of energy input in the form of lighting and 
optimisation of pigment production. There are two major approaches to increase the level and 
effectiveness of light utilisation by microalgae: action on the receptor via genetic engineering, 
or action on the source via light engineering (Carvalho et al. 2011). This review focuses on the 
latter, but more information on the former may be found in work by Nakajima et al. (2001), and 




The response of microalgae to various light wavelengths in terms of modification of pigment 
content varies (Table 8). However, the response of a selected microalga, with respect to pigment 
content and biomass accumulation may be predicted (and therefore exploited) to some extent 
by considering its taxonomy. The evolutionary megagroup to which a microalga belongs seems 
to reflect the pigment composition of the light-harvesting complexes in their chloroplasts, and 
the pigments acquired or lost during their evolutionary history correlates well with response to 
light and the preference to grow under either blue or red light (Keeling 2013, Schulze et al. 2014). 
For example, the plastids of green algae are closely related to terrestrial plants in terms of 
structure, metabolism and biochemical composition, suggesting that they may share similar red-
to-blue light ratios for optimal growth (Schulze et al. 2014). Indeed, land plants have been shown 
to exhibit optimal biomass production when red LED light was supplemented with 10-30% blue 
light (Nhut and Nam 2010), and the mixing of red and blue photons in this proportion has often 
increased biomass production compared to red light alone (Fu et al. 2013, Kim et al. 2013, Ho et 
al. 2014, Yan and Zheng 2014). For discussion of endosymbiotic evolutionary events and the 
subsequent effects on algal response to light quality, see reviews by Keeling (2013) and Schulze 
et al. (2014). 
There are general effects of light wavelength on algal pigments, for example, high energy blue 
light seems to induce pigment accumulation in several species (Katsuda et al. 2004, Pérez-Pazos 
and Fernández-Izquierdo 2011, Beel et al. 2012, Fu et al. 2013, Schulze et al. 2014). Because the 
energy of blue photons is greater than that required by photosynthesis, blue light may result in 
non-photosynthetic quenching and generation of reactive oxygen species (ROS) (Kommareddy 
and Anderson 2003, Fu et al. 2013). Hence, in order to protect the photosynthetic apparatus 
against ROS, algae accumulate photoprotective pigments such as xanthophylls (Depauw et al. 
2012, Jahns and Holzwarth 2012, Fu et al. 2013). In contrast, Marchetti et al. (2013) found that 
chlorophyll a content in haptophyte Isochrysis sp. was lower under blue than white light (despite 
the authors inexplicably reporting the opposite trend in their abstract), although this conflicts 
with findings of other studies (Sánchez-Saavedra and Voltolina 1994, Mercado et al. 2004, 
Schellenberger Costa et al. 2013). Interestingly, photosynthetic activity measured as both 
maximum photosynthetic capacity Pm (μmol O2 chl a−1 h−1) and light-saturated photosynthetic 
rate Pmax (μmol O2 chl a−1 h−1) in the same study were higher under blue light than white light 
(Marchetti et al. 2013). However, Marchetti and colleagues did not offer an explanation for this 
phenomenon, focusing instead on the effect of dilution rate in the experiment and merely 
commenting that “photosynthetic activity increased with [dilution rate], though the difference 




consensus on chl a content behaviour among microalgal species with respect to their potential 
for chromatic adaptation” (Marchetti et al. 2013).   
In addition to light quality and quantity, a further consideration in the optimisation of microalgal 
pigment production with regard to minimisation of production costs is the type of lighting itself. 
The advancement of modern technology has allowed us the benefit of a range of lighting options 
from which to choose, including fluorescent lamps (FLs), tungsten-halogen, metal halide and 
light-emitting diodes (LEDs). FLs have been the usual choice in artificial lighting for microalgal 
growth, although they have wide emission spectra, including wavelengths with low 
photosynthetic activity for certain microalgae (Carvalho et al. 2011). In contrast, LEDs are 
mercury-free, long-lasting (~50,000 hours) and respond at the nanosecond scale to emit nearly 
monochromatic light at various wavelengths by virtue of solid-state electronics (Schulze et al. 
2014). This means that, in addition to being capable of providing specific wavelengths of PAR at 
very economic running costs compared to traditional lighting, LEDs can also be used in pulses to 
generate a “flashing light effect” which, under high cell concentrations, may increase efficiency 
of light utilisation (due to optimisation of light and dark cycles whilst minimising the effects of 
photorespiration) and thus enhance growth rate and metabolite productivity (Masojidek et al. 
2004, Grobbelaar 2008, Carvalho et al. 2011). For example, Haematococcus pluvialis, the 
microalga regarded as the most promising producer of astaxanthin, has been shown to increase 
astaxanthin yield per photon by at least 60 to 400% using flashing light compared to continuous 
light sources, when illuminated externally and internally, respectively (Kim et al. 2006). 
Chlorella vulgaris has attracted much interest for pigment production due to its robustness, 
desirable pigment content and fast growth rates (Karlander and Krauss 1966, Gouveia et al. 
1996, Chen et al. 2005, Gouveia et al. 2007, Seyfabadi et al. 2011, Fu et al. 2012, Sun et al. 2014). 
However, given that physiological responses to growth conditions can vary by strain and other 
factors, in practice it is necessary to test specific strains under desired conditions to discern their 
specific response. For example, Mohsenpour et al. (2012) and Mohsenpour and Willoughby 
(2013) tested the same strain of Chlorella vulgaris (CCAP 211/79) in two different 
photobioreactor (PBR) systems – the first in rectangular light boxes and the second in bubble 
column reactors made of the same luminescent acrylic material – and found contradictory 
results due to the superior culture mixing, mass transfer and light penetration of the latter 
experiment. In the former, maximum chlorophyll a production was achieved under red light and 
highest growth rate under orange, whereas in the latter, green light yielded the highest 




Desmodesmus spp. and the closely related Scenedesmus spp. have also received attention for 
their pigment content, though to a lesser extent than Chlorella spp. (An et al. 1999, Sánchez et 
al. 2008, Macías-Sánchez et al. 2010, Chan et al. 2013, Solovchenko et al. 2013, Xie et al. 2013, 
Ho et al. 2014). While Desmodesmus sp. has been investigated regarding effects of light intensity 
on pigments (Solovchenko et al. 2013), no studies were found which addressed the effects of 







Section 3: Conclusions and future directions 
This review serves to highlight some of the pressing challenges faced by delivering viable 
microalgae industries, in other words, to identify species and environmental conditions to 
optimise growth and metabolite production in microalgae. The major obstacle in achieving 
viable microalgae industries is one of cost-effectiveness: the ability to maintain large-scale 
cultures of strains with desirable characteristics and high production output at low cost to the 
producer. For biodiesel production, the major aim is to optimise lipid production, specifically 
TAG content, with the most appropriate FA composition for desirable characteristics of the 
resultant fuel. However, this increase in lipid content comes at a cost to growth, a trade-off 
which also holds true for pigment production, and thus compromises and fine tuning of the 
environmental drivers of microalgal growth and metabolite production are essential to progress 
in this field. 
For many species, “stress” conditions that reduce growth rate will cause increased total lipid 
contents, particularly in the form of the desirable storage TAGs (Borowitzka 2010a). These 
conditions include nutrient limitation (most often nitrogen or phosphorus); exposure to high 
concentrations of heavy metals such as cadmium, iron, copper and zinc; pH, temperature or 
salinity either lower or higher than the optimum range; UV-R and light saturation. For pigment 
production, the trade-off between growth and pigment content is related to the growth-limiting 
low-light conditions which generally induce increased pigment production in microalgae. 
Productivity, rather than just cell content, is paramount for commercial production of microalgal 
products. 
Although the way in which lipid and FA composition change with growth conditions is often a 
taxon-specific or even species-specific manner, some generalisations may be made (Borowitzka 
2010a). For example, unsaturation of FAs may be increased by lowering the cultivation 
temperature, a response which serves to maintain membrane function and fluidity. Moreover, 
exposure to UV-R, nutrient limitation and increased irradiance generally result in decreased 
unsaturation of fatty acids, although there appears to be more variation in microalgal response 
to these parameters than changes in temperature due to the various strategies of different algae 
to maintaining physiological functions and growth in fluctuating conditions. 
For pigment production, decreases in light quantity during light-limited growth may generally 
result in increased production of light-harvesting pigments. Conversely, during light-saturated 




photoprotective pigments to protect the photosynthetic apparatus. Accumulation of 
photoprotective pigments such as xanthophylls may also be induced by high-energy 
wavelengths such as blue light, compared to lower-energy red light. 
Some parameters in the above review can be controlled in both open-pond and closed-system 
PBRs, such as nutrient availability, pH, carbon dioxide and salinity, whilst others are considered 
generally unfeasible in open ponds and can only be manipulated in relatively expensive PBR 
systems, such as temperature and light. For further reading and consideration of the pros and 
cons of both system strategies, refer to the review by Chisti (2007).  
Much research has already been carried out in the area of lipid optimisation in microalgae, 
bioprospecting for the elusive fast-growing and hyper-lipid producing strains, and the 
environmental conditions which will enhance these qualities. It is evident from the vast 
quantities of literature aimed at furthering the potential of microalgal-based biofuel production 
that the range of strategies and responses of algae to fluctuations in environmental conditions 
is almost as diverse as the range of algal types. Further, the interactions of various parameters 
such as pH, temperature, carbon dioxide and nitrogen sources are very complex and should be 
considered when investigating the effects on microalgae.  
This broad review of currently available literature has revealed delivery of nutrient media as one 
of the most influential and easily manipulated environmental parameters, with regard to fine-
tuning the growth and lipid production and profile of microalgae for biofuels production. 
Likewise, manipulation of light intensity and wavelength stands out as the most influential 
parameter affecting microalgal pigment production. Although there has been a spate of studies 
in these areas in recent years, there are still many unanswered questions in this field and 
significant amounts of knowledge which may be added to the spectrum of species studied, a 
reflection of the range of different responses and strategies of algal species to variations in 





Aims and hypotheses 
The primary aim of this study is to examine the effects of environmental conditions (nutrient 
and light availability) on growth and metabolite production (lipids and pigments) of native 
Australian microalgae species as potential candidates for industrial-scale production. 
Specifically, two separate trials were undertaken. 
The first trial aims to assess six commercially available nutrient media for microalgal culture (five 
sourced in Australia and one from the United States of America) and their suitability for use in 
the mass production of high-lipid-producing green alga Desmodesmus opoliensis in terms of 
growth rates, lipid content and lipid productivity. It is hypothesised that: 
1. Growth, total lipid content and lipid profiles of Desmodesmus opoliensis will differ across 
the media containing different ratios of ammonium, nitrate and urea; 
2. Total lipid content of Desmodesmus and lipid productivity will be greater in media 
containing higher levels of iron. 
The second trial aims to investigate the effects of five different light conditions (varying 
intensity, wavelength and including a period of shading) on growth and pigment content of 
native microalgal chlorophytes Desmodesmus opoliensis and Chlorella vulgaris. Specifically, low-
intensity white fluorescent light is compared to high-intensity white LED light, and 
monochromatic red and blue LED light. It is hypothesised that:  
1. Growth rates will increase with increased light intensity; 
2. Pigment content will decrease with increased light intensity; 
3. Pigment content will increase with a shaded growth period; 
4. The effect of different light conditions on pigment content and production will differ 
between species. 
Independent variables and measured outcomes are set out in Table 9. 
Table 9: Independent and dependent variables manipulated and measured in the two trials 
 1. Nutrients & lipids 2. Light & pigments 
Species Desmodesmus opoliensis Chlorella vulgaris 
Desmodesmus opoliensis 
Independent variable(s) Nutrient medium Light source 
Species 








Chapter 2: Assessment of six commercially available 
nutrient media for microalgal cultivation: effects on 
growth and lipid profiles 
Introduction 
Rapidly depleting supplies of petroleum-sourced fuels and the contribution of these fuels to the 
accumulation of carbon dioxide in the environment has led to a wide acceptance of the need for 
renewable, carbon-neutral fuels for environmental and economic sustainability (see Chisti 2007 
for review). Microalgae seem to be the only source of renewable biodiesel capable of sating the 
global demand for transport fuels, with many species far surpassing the best oil-producing crops 
in terms of oil productivity and efficiency (Chisti 2007). Microalgae have high growth rates, and 
certain strains have extremely high lipid content and therefore high energy yields per hectare of 
land. Additionally, they do not require arable land which may be used for food crops. Other 
benefits of using microalgae for biofuel production include removal of CO2 from industrial flue 
gases, wastewater treatment by nutrient removal, additional bioactive compound or other 
production and use of remaining biomass for other purposes such as bioethanol (see Mata et al. 
2010 for review). 
In order to be financially viable, the cost of biodiesel from microalgae must be competitive with 
that of petroleum (see Chisti 2007 for review). Both growth and lipid content of microalgae must 
be optimised to minimise the cost of production. However, lipid accumulation is generally a 
stress-induced response with oil acting as an intracellular reserve material, and conditions which 
are optimal for growth are not optimal for lipid production and vice versa (Ratledge 2010). The 
trade-off between growth and lipid content of microalgae begs research into the ideal set of 
conditions for optimal lipid productivity, i.e. the product of the lipid content of an alga and its 
specific growth rate. Although there has been some research directed towards this field in 
recent years (see Table 1), optimum conditions will vary from strain to strain. For example, 
different strains preferentially use different sources of nitrogen. Common sources of nitrogen 
used in algal culture are ammonium salt, nitrate and urea, with algae reducing the latter two to 
ammonium before incorporating them into organic compounds (Oh-Hama and Miyachi 1988). 
The lipid levels contained in microalgae vary widely across species and strains. Further, lipid 
content may be significantly affected by temperature, age of culture and growth phase 
(senescence), light intensity, salinity, nitrogen availability, iron concentration and the addition 




to changes in total lipid levels, these environmental parameters may also influence the lipid 
profile of microalgae, i.e. the relative amounts of different types of lipids produced. For 
production of biodiesel, high levels of neutral lipids are desirable. Other lipids such as 
polyunsaturated fatty acids may be targeted as high-value bioactive compounds, as they are 
accepted as having great dietary significance. 
Although the way in which lipid and FA composition change with growth conditions is often a 
taxon-specific or even species-specific manner, some generalisations may be made (Borowitzka 
2010a). Microalgae generally respond to nitrogen deficiency with a decrease in growth rate and 
an increase in total lipids, mainly triacylglycerides (TAGs) which are desirable for biodiesel 
production (Zhila et al. 2005, Li et al. 2008, Converti et al. 2009, Rodolfi et al. 2009). Additionally, 
unsaturation of FAs may be increased by lowering the cultivation temperature, a response which 
serves to maintain membrane function and fluidity (Hu and Gao 2006, Xin et al. 2011, James et 
al. 2013). Moreover, exposure to UV-R, nutrient limitation and increased irradiance generally 
result in decreased unsaturation of fatty acids, although there appears to be more variation in 
microalgal response to these parameters than changes in temperature, due to the various 
strategies of different algae to maintaining physiological functions and growth in fluctuating 
conditions (Hessen et al. 1997, Guschina and Harwood 2009). 
Although there has been much research into the potential of microalgae as feedstock for 
biodiesel production, cost of production has been a prohibitive factor to financially viable 
commercial-scale production. The present study aims to assess six commercially available 
nutrient media for microalgal culture (five sourced in Australia and one from the United States 
of America) and their suitability for use in the mass production of high lipid producing green alga 
Desmodesmus opoliensis in terms of growth rates, lipid content and lipid productivity. It is 
hypothesised that: 
1. Growth, total lipid content and lipid profiles of Desmodesmus opoliensis will differ across 
the media containing different ratios of ammonium, nitrate and urea 
2. Total lipid content of Desmodesmus and lipid productivity will be greater in media 





Algal cultures and cultivation conditions 
Desmodesmus opoliensis CS-904 was obtained from the Australian National Algae Culture 
Collection (CSIRO, Hobart, Australia). Autoclaved reverse osmosis (RO) water was used to make 
up MLA medium (Bolch and Blackburn 1996) in which cultures were maintained. A four-part 
concentrate of this medium was purchased in the form of AlgaBoost™ MLA from AusAqua Pty 
Ltd (AusAqua Pty Ltd 2018b). Cultures received constant aeration without additional carbon 
dioxide and were maintained at 20°C. Cool white light was provided at a rate of 100 µmol.m⁻².s⁻¹ 
on a 12:12 hour cycle. All transfers and media preparations were carried out in a laminar flow 
hood using sterile technique, and no cross-contamination of cultures occurred. 
AlgaBoost™ MLA (‘MLA’ hereafter) was compared to five other commercially sourced water 
soluble nutrient media in terms of growth, lipid content and lipid profiles of D. opoliensis (see 
Table 10 for summary): ‘Algf/2’: AlgaBoost™ f/2 (Guillard and Ryther 1962) from AusAqua Pty 
Ltd (AusAqua Pty Ltd 2018a); ‘MAGf/2’: Micro Algae Grow™ modified Guillard f/2 (Guillard and 
Ryther 1962, Florida Aqua Farms Inc 2016) from Florida Aqua Farms Inc; ‘MAF’: Micro Algae 
Food from Manutec Pty Ltd (Manutec Pty Ltd 2018b); ‘Aba’: Abasol from Manutec Pty Ltd 
(Manutec Pty Ltd 2018a) and ‘Aq’: Aquasol from Yates (Yates 2018). MLA was developed by 
Bolch and Blackburn (1996) for CSIRO Division of Fisheries, Hobart, Tasmania. It was based on, 
but “substantially modified” from, ASM-1 medium, which was developed for culturing toxic 
cyanobacteria (Gorham et al. 1964). f/2 is a widely used general nutrient medium for enhancing 
seawater and growing marine microalgae. The original formulation was termed “f Medium” 
(Guillard and Ryther 1962) and is commonly used at half the concentration of nitrogen and 
phosphorous; hence the term “f/2”. Our laboratory had on hand f/2 sourced from AlgaBoost™ 
for the purposes of cultivating marine strains of microalgae for other projects. Algae.Tec Ltd, 
who provided some funding for the present trials and to some degree guided my research 
interests, were interested in using the product Micro Algae Grow™ which they had sourced in 
the United States of America for large scale cultivation of freshwater microalgae and requested 
a comparison. Florida Aqua Farms Inc, producers of Micro Algae Grow™ (“MAGf/2”), describe 
their product as a “modified” version of f/2, but decline to specify the nature of the modification. 
Samples of Abasol and Micro Algae Food were provided at no cost by Manutec Pty Ltd for trial 
purposes. Aquasol is a water soluble general-purpose fertiliser which is widely available and 




indoor plants and lawns” (Yates 2018). Detailed ingredients of media can be found in Appendix 
1. 
Table 10: Six types of commercial nutrient media and their suppliers 




1. MLA AusAqua 
Pty Ltd 
MLA 4 mL.L-1 4 mL.L-1 
2. f/2 AusAqua 
Pty Ltd 







MAGf/2 0.4 mL.L-1 0.97 mL.L-1 




MAF 0.15 g.L-1 0.20 g.L-1 
5. Abasol Manutec 
Pty Ltd 
Aba 0.15 g.L-1 0.09 g.L-1 
6. Aquasol Yates Aq n/a 0.115 g.L-1 
 
Three 1.65 L replicates per treatment were cultured in 2 L Erlenmyer flasks by adding 
appropriate levels of nutrient concentrates to 1.5 L of autoclaved RO water, aerating, and 
inoculating with 150 mL of late exponential phase D. opoliensis previously maintained in MLA 
(Appendix 2). Concentrations of individual nutrient media were adjusted by calculating and 
equalising theoretical molarity of total nitrogen ([N] in nitrate/nitrite, ammonium and urea). 
Initially, each medium was made up according to instruction from the supplier, and nitrate tests 
were undertaken for each. An Aquanova Environmental Spectrophotometer (Jenway, UK) was 
used with nitrate water test kits from the manufacturer to undertake three tests per medium. 
From this, theoretical total available nitrogen was calculated according to the constituent 
concentrations detailed by suppliers, and concentrations of nutrients were adjusted accordingly 
to give [total N] of 25 mg.L-1 (see Appendix 3 for calculations). Table 11 shows the sources of 
nitrogen available in the various media. 
Table 11: Sources of nitrogen in different media 
 Medium Nitrate Ammonium Urea 
1. MLA ✓ - - 
2. f/2 ✓ - - 
3. f/2 (modified) ✓ - - 
4. Micro Algae Food ✓ - - 
5. Abasol ✓ ✓ ✓ 





Growth was monitored daily when possible by taking 3 mL samples and measuring optical 
density at 680 nm (Aquanova Environmental Spectrophotometer, Jenway, UK). The wavelength 
of 680 nm is just above the maximum range of absorption bands of the pigments tested 
(chlorophylls: 630-675 nm) and was selected to increase the reliability of optical density as a 
proxy of growth rather than as an indication of the pigments contained within cells. Cultures 
were grown in a semi-continuous batch manner, with 500 mL harvested and replaced with fresh 
medium on days 8, 13, 15, and 19. On Day 27, 750 mL was harvested and not replaced with fresh 
medium, and the trial was terminated on Day 29, with the remaining volume measured and 
harvested. This was to ensure sufficient biomass for lipid extraction and analysis since this was 
the largest possible culture volume for an experiment at this scale given the available resources.  
Algae were harvested using vacuum filtration and dried to constant weight at 60°C using pre-
weighed Filtech filter paper. Larger pore-size papers 1803 (2.50 µm) and 225 (2.00 µm) were 
used to harvest the majority of the biomass from the culture, then any remaining cells were 
captured by filtering the culture a second time using glass microfibre papers of smaller pore size: 
333 (1.20 µm) and 393 (1.00 µm). A linear regression equation was created to correlate OD680 
values with dry weight densities of biomass (g DW.L⁻¹).  
All equipment was washed using 10% HCl and triple-rinsed in RO water before use. Samples of 
all six freshly made media were frozen at -80°C for nutrient analyses. Further samples were 
taken of each culture at harvest points throughout the experiment by immediately freezing the 
filtrate, to find out uptake of various nutrients over time. Unfortunately, all water samples were 
lost due to a power failure affecting the -80°C freezer and could not be recovered for nutrient 
analysis. 
Lipid extraction and analysis 
Due to the small quantities of biomass available for lipid extraction and analysis, a single-step 
method described by Laurens et al. (2012) was followed instead of the traditional and routinely 
used methods of Folch et al. (1957) or Bligh and Dyer (1959). A hydrochloric acid-catalysed 
procedure modified from Lepage and Roy (1986) was used. This technique has several 
advantages: (1) it can be carried out on a small scale (using 4-7 mg of biomass), (2) it is applicable 
to a range of different species, (3) it consists of a single-step reaction, (4) it is robust over a range 
of different temperature and time combinations, and (5) it is tolerant to at least 50% water in 
the biomass (Laurens et al. 2012). Fatty acid composition was determined via gas 
chromatography-mass spectrometry (GC-MS). Data were provided by McCauley (2013, 




of dry weight was determined gravimetrically. Total lipid production was calculated by 
multiplying percentage lipid content by total biomass produced over the entire growth trial. 
Statistical analyses 
One-way analyses of variance (ANOVA) were used to test for statistically significant differences 
in the following datasets: specific growth rates (SGRs) calculated from OD680 readings between 
days 1 and 4; total harvested biomass; biomass from the first harvest event (Day 8); SGRs from 
dry biomass densities per harvest event; total lipid content as a percentage of dry weight; total 
lipid production; content of specific FAs and total content of SFA, MUFA and PUFA. Normality of 
datasets was assessed by Shapiro-Wilk test, and data failing to meet this assumption (p < 0.05) 
were transformed by square-root, log10 or natural log transformation. Significant differences 
were tested using Tukey HSD post-hoc tests. Homogeneity of variances was assessed by 
Levene’s test. If this assumption was violated (p < 0.05), a Welch ANOVA was carried out in place 
of a one-way ANOVA, and Games-Howell post-hoc tests were carried out in place of Tukey HSD. 
A two-way ANOVA was carried out to test harvested biomass per harvest event, with Treatment 
and Harvest event as Factors. All univariate analyses were performed using SPSS IBM Statistics 
v20 package.  
Linear regression analyses were carried out for dry weight densities plotted against OD680 
readings on harvest days to assess the efficacy of using optical density as a proxy of biomass 
density. Independence of observations was tested using the Durbin-Watson statistic. 
Homoscedasticity was assessed by visual inspection of a plot of standardised residuals versus 
standardised predicted values. Normal distribution of residuals was assessed by visual 
inspection of a normal probability plot. 
Fatty acid content data were Log(x + 1) transformed and compared against treatments in a one-
way permutational analysis of variance (PERMANOVA), using the Bray-Curtis similarity index. 
The Similarity Percentages (SIMPER) routine was run to determine which FAs contributed to 
similarities and dissimilarities among treatments. All multivariate analyses were performed 
using PRIMER-E v6 package. 
Results 
Growth 
From the cell density of cultures as measured by optical density at 680 nm (OD680), MLA 




MAGf/2 and Algf/2 (Figure 2). Each harvest is represented by a drop in the line graph (Figure 2), 
with two readings taken on harvest days: pre-harvest and post-harvest.   
 
Figure 2: Growth of microalga Desmodesmus opoliensis cultures over 29 days as measured by optical 
density at 680 nm. Six commercial nutrient media were used: ‘MLA’: AlgaBoost™ MLA (Bolch and 
Blackburn 1996) from AusAqua Pty Ltd (AusAqua Pty Ltd 2018b); ‘Algf/2’: AlgaBoost™ f/2 (Guillard 
and Ryther 1962) from AusAqua Pty Ltd (AusAqua Pty Ltd 2018a); ‘MAGf/2’: Micro Algae Grow™ 
modified Guillard f/2 (Guillard and Ryther 1962, Florida Aqua Farms Inc 2016) from Florida Aqua 
Farms Inc; ‘MAF’: Micro Algae Food from Manutec Pty Ltd (Manutec Pty Ltd 2018b); ‘Aba’: Abasol 
from Manutec Pty Ltd (Manutec Pty Ltd 2018a) and ‘Aq’: Aquasol from Yates (Yates 2018). 500 mL 
was harvested and replaced with fresh media on Days 8, 13, 15, 19 and 26, and these days were 
given values of [whole integer point zero] and [whole integer point five] for pre- and post-harvest 
values respectively. Error bars are ±SE, n = 3. 
There was no significant difference across treatments for specific growth rate of cultures 
calculated from OD680 readings (Days 1 to 4), F(5,12) = 1.630, p = 0.226 (Figure 3). The data were 

























Figure 3: Average specific growth rate as determined by OD680 readings between Days 1 and 4. Error 
bars are ±SE, n = 3. 
Growth of Desmodesmus opoliensis as measured by total dry biomass produced over the course 
of the 29-day trial was significantly different across nutrient treatments, F(5,12) = 43.407, 
p < 0.0005 (Figure 4: Average total biomass harvested during a 29-day growth trial. On four 
occasions, 500 mL from each culture was harvested and replaced with fresh medium, and the 
trial culminated in two final harvests of remaining culture on Days 27 and 29. Biomass was 
filtered and dried to constant weight at 60°C using pre-weighed filter paper. Error bars are ±SE, 
n = 3.). MLA resulted in the most biomass produced (1.41 g), significantly more than any other 
treatment. Aquasol produced the second highest amount of biomass (1.02 g) but was 
statistically not significantly different to Abasol or MAF (0.90 g and 0.87 g respectively). 
MicroAlgae Grow f/2 (0.78 g) and AlgaBoost™ f/2 (0.77 g) produced the lowest amount of algal 
biomass but were also not statistically significantly different to MAF or Aba treatments (Figure 
4). Data were log10-transformed and variances were homogeneous, as assessed by Levene's test 



































Figure 4: Average total biomass harvested during a 29-day growth trial. On four occasions, 500 mL from 
each culture was harvested and replaced with fresh medium, and the trial culminated in two final 
harvests of remaining culture on Days 27 and 29. Biomass was filtered and dried to constant weight 
at 60°C using pre-weighed filter paper. Error bars are ±SE, n = 3. 
When assessed by two-way ANOVA with harvest date and treatment as factors, amount of 
biomass harvested was found to have a significant interaction term after transformation by log10 
(F(25,72) = 10.621, p < 0.005, Figure 4). The assumption of homogeneity of variances was violated, 
as assessed by Levene's test for equality of variances, p = 0.014. The amount of biomass 
harvested during the first harvest event (Day 8) did not differ significantly by treatment 
(F(5,12) = 1.059, p = 0.429). Assumptions of normality and homogeneity of variances were met 






































Figure 5: Average biomass harvested in each harvest event during a 29-day growth trial. On four 
occasions, 500 mL from each culture was harvested and replaced with fresh medium, and the trial 
culminated in two final harvests on Days 27 and 29. Biomass was filtered and dried to constant 
weight at 60°C using pre-weighed filter paper. Error bars are ±SE, n = 3. 
Changes in cell density (CCD) were calculated in the same way as specific growth rates from 
dry weight densities (g DW.L⁻¹) between harvest dates (Figure 6). The term CCD is used to 
avoid any confusion with the term “growth rate” due to the harvesting events. They were 
named so that “Day 8” CCD measured the difference between Days 8 and 13, “Day 13” 
between Days 13 and 15, and so on. Shapiro-Wilk’s test revealed that the data were not 
normally distributed (F = 0.945, p = 0.001), but due to negative values (from harvesting), data 
were unable to be transformed. One-way ANOVAs were run instead on data for each harvest 
event. CCDs from dry weight densities from Day 8 were not significantly different, nor were 
CCDs from Day 13 (Table 12). Days 15, 19 and 27 yielded CCDs which differed significantly by 
treatment (Table 12). However, data for Day 19 violated assumptions for both normality and 
homogeneity of variances and could not be transformed since two-thirds of the datapoints 
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Table 12: Results of one-way ANOVAs for changes in cell density calculated from dry biomass densities 
of Desmodesmus opoliensis cultures (g DW.L⁻¹) on harvest days. Also results of tests for normality 
and homogeneity of variances of data. 
Parameter Treatment Residual Shapiro-Wilk Levene 
MS F p MS Stat df p F df1 df2 p 
CCD Day 8 0.001 2.893 0.061 0.000 0.93 18 0.18 0.95 5 12 0.48 
CCD Day 13 0.000 1.639 0.224 0.000 0.95 18 0.37 2.31 5 12 0.11 
CCD Day 15 0.002 7.718 0.002 0.000 0.96 18 0.51 2.57 5 12 0.08 
CCD Day 19 0.002 15.498 0.000 0.000 0.89 18 0.045 3.70 5 12 0.03 
CCD Day 27 0.002 8.709 0.001 0.000 0.97 18 0.87 1.15 5 12 0.39 
 
 
Figure 6: Average changes in cell density calculated from dry weight density (g DW.L⁻¹) on harvest days. 
Note that the y-axis starts at -0.2 and not 0. Negative growth rates are due to biomass harvesting. 
Error bars are ±SE, n = 3. 
Dry weight densities (g DW.L⁻¹) calculated on harvest days were plotted against corresponding 
OD680 values and linear regressions were undertaken per treatment (Figure 7). For all, OD680 
statistically significantly predicted dry weight density: MLA, F(1,16) = 301.382, p < 0.0005. Algf/2 
F(1,16) = 80.498, p < 0.0005, MAGf/2 F(1,16) = 79.768, p < 0.0005, MAF F(1,16) = 49.213, p < 0.0005, 

































Figure 7: Density of microalgae cultures measured as absorbance at 680 nm plotted against dry weight 
density on harvest days. R-squared values are: MLA (0.9496), Algf/2 (0.8342), MAGf/2 (0.8329), MAF 
(0.7547), Aba (0.5766) and Aq (0.5336). 
 
Lipids 
There was no significant difference in total lipid content as a percentage of dry weight across 
treatments, F(5,11) = 1.760, p = 0.202 (Figure 8). Data were normally distributed, and variances 
were homogeneous (Levene’s test, F = 0.522, p = 0.755). 
  
Figure 8: Total lipid content as a percentage of dry weight of Desmodesmus opoliensis cultures grown 
under different nutrient treatments. Error bars are ±SE, n = 3, except for MAGf/2 (n = 2), as one of 



































































Total lipid production differed significantly by treatment F(5,11) = 4.817, p = 0.014 (Figure 9). 
Tukey’s post-hoc test showed that total lipid production was significantly higher for MLA than 
for Algf/2, and Aq. MAGf/2 showed a trend difference compared to MLA (p = 0.051) but 
presumably was not significantly different due to the limited sample size owing to a destroyed 
sample (n = 2). Data were normally distributed, and variances were homogeneous (Levene’s 
test, F = 0.865, p = 0.534). 
 
Figure 9: Total lipid yield of Desmodesmus opoliensis cultures over a 29-day growth trial of six different 
commercial nutrient media. Values were calculated as total biomass produced multiplied by total 
lipid content (%). Error bars are ±SE, n = 3, except for MAGf/2 (n = 2) as one of the samples was lost 
due to breakage. 
Across nutrient treatments, no significant differences were found among overall FA 
compositions using multivariate approaches (PERMANOVA: pseudo-F(5,12) = 0.886, p = 0.567, 
Figure 10). SIMPER revealed FAs 16:0 and 18:2 consistently contributed to greatest 
dissimilarities across treatments (Appendix 5). One-way ANOVAs were carried out for these two 
FAs. For 16:0, distribution was normal but variances were not homogeneous (Levene 
F(5,12) = 3.718, p = 0.029). Welch’s test revealed no significant difference in C16:0 levels across 
treatments (Welch statistic = 1.143, df1 = 5, df2 = 5.510, p = 0.436). Nor was there a significant 
difference in levels of C18:2 (F(5,12) = 2.586, p = 0.082); distribution was normal and variances 
































Figure 10: Fatty acid composition of Desmodesmus opoliensis cultures grown under different nutrient 
treatments according to Bray Curtis similarity. Each symbol represents a single culture. The closer 
together the symbols are, the more similar the cultures in fatty acid composition. 
Six fatty acids were identified in samples: C16:0, C16:1, C16:2, C18:0, C18:2 and C19:0 (Figure 
11). A further six FAs were found in relatively high abundance but were unable to be identified. 
These were named X1-X6 (Figure 12). Fatty acid X4 had a concentration of 14.06 mg.g-1 in one 
replicate of MAF, but appeared non-existent in the other two replicates, so should be regarded 





Figure 11: Content of six identified fatty acids of Desmodesmus opoliensis cultures grown under 
different nutrient treatments. Error bars are ±SE, n = 3. 
 
Figure 12: Content of six unidentified fatty acids of Desmodesmus opoliensis cultures grown under 
different nutrient treatments. Error bars are ±SE, n = 3. 
 
There was no significant difference in total SFA levels across treatments (Welch statistic = 1.330, 
df1 = 5, df2 = 5.516, p = 0.372, Figure 13). Data were square-root transformed. There was 
significant difference in total MUFA levels across treatments (Welch statistic = 6.574, df1 =5, 
df2 = 5.314, p = 0.026). Games-Howell post-hoc test revealed that the treatments which differed 
the most (p < 0.1) in total MUFA levels were MLA and MAGf/2 (p = 0.055) and MAGf/2 and MAF 



















































homogeneity of variances was violated (Levene’s test, F = 6.745, p = 0.003). Total PUFA levels 
did not differ significantly by treatment (F(5,12) = 1.673, p = 0.215). Data were normally 
distributed (p = 0.839) and variances were homogeneous (Levene’s test, F = 1.616, p = 0.230). 
 
Figure 13: Content of identified fatty acids of Desmodesmus opoliensis grouped as SFA (saturated FA), 
MUFA (monounsaturated FA) and PUFA (polyunsaturated FA)  
 
Discussion 
Overall, MLA nutrient medium supported the greatest biomass production of Desmodesmus 
opoliensis of the six commercial nutrient media tested during the 29-day growth trial. MLA 
cultures yielded, on average, 1.41 g of cells, significantly more than any other medium. Aquasol, 
Abasol and Micro Algae Food supported the next highest growth rates in terms of total biomass 
production, with 1.02 g, 0.90 g and 0.87 g respectively. The two f/2 formulations, Micro Algae 
Grow™ f/2 and AlgaBoost™ f/2 yielded the lowest biomass with 0.78 g and 0.77 g respectively. 
f/2 is a formulation which was developed to enrich seawater and is typically used for growing 
marine microalgae. Desmodesmus opoliensis is a freshwater species, and f/2 may not be suitable 
for this alga.  
Several measures of growth were used, with varying results. No significant difference in growth 
rate across treatments was found using SGRs calculated from OD680 between Days 1 and 4.  SGRs 
calculated from dry biomass densities on harvest days were not significantly different for the 
first two harvest dates but were significantly different for the last three harvest dates. Also, the 
SGR data for Day 19 violated normality and homogeneity of variance assumptions and thus the 




























out for amount of biomass harvested by harvest date and treatment should also be interpreted 
with caution. A significant interaction term was identified; however, the potential issue is that 
the levels of harvest date are probably not independent; a high value on one date would likely 
lead to a high value on the next. A one-way ANOVA was carried out on the harvested biomass 
data from the first harvest (Day 8) which avoided the potential confounding of the semi-
continuous batch process, and this revealed a lack of statistically significant difference in 
biomass production across treatments.  
According to the measure of growth constituting total biomass produced, MLA supported the 
most growth, followed by Aquasol, Abasol and Micro Algae Food, and finally the two f/2 
formulations. Aquasol and Abasol both contain three distinct forms of nitrogen: nitrate, 
ammonium and urea. MLA, Micro Algae Food and f/2 contain only nitrate. This may indicate that 
Desmodesmus opoliensis can grow using a range of nitrogen sources, since it grew well on 
Aquasol and Abasol, assuming that it may have been pre-adapted to MLA which contained only 
nitrate. However, it grew equally well on Micro Algae Food, which also contained only nitrate. 
MLA also contains the widest array of nutrients, with selenium, calcium and magnesium, which 
the other five media do not. Since growth rates of Desmodesmus on all media apart from MLA 
declined with each successive replacement of medium (Figure 2), this alga likely requires these 
nutrients for complete growth. The initial inoculum would have contained these nutrients and 
carried over to the various cultures but become limiting over time as they were used up.  
Optical density at 680 nm (OD680) proved to be a good proxy of biomass density, with linear 
regression equations significantly accurately predicting dry weight density from OD680. 
Regression equations varied across treatments and the colour of the cultures was also affected 
by the different nutrient treatments (pers. obs., Appendix 6). This was likely a result of 
differences in chlorophyll content. Interestingly, the R-squared value (the proportion of the 
variance in biomass density that is predictable from OD680) was highest for MLA (0.9496) and 
lowest for Aq (0.5336), with the other treatments yielding intermediate R-squared values: Algf/2 
(0.8342), MAGf/2 (0.8329), MAF (0.7547) and Aba (0.5766). Measuring OD of whole cells can be 
affected by a scattering phenomenon, and any changes in cell size can affect the OD result. Cell 
size measurements and cell counts were not undertaken as this was beyond the scope of the 
study. . 
Total lipid content as a percentage of dry weight did not differ significantly across treatments. 
There did appear to be a trend in the data; the treatment which yielded the lowest lipid content, 




treatment, MAF (23.3% DW). This analysis may have been affected by the uneven number of 
replicates and low sample size of n = 2 for MAGf/2, as one sample was lost due to breakage.  
Harvesting was undertaken in such a way as to keep cultures in the log phase of growth to ensure 
that media were still replete with nutrients, and nutrient starvation was not a confounding 
factor. However, given the diverse growth rates of the cultures under different nutrient 
treatments, it is possible that nutrient depletion did occur and confounded results. Lipid 
accumulation occurs as growth slows and cultures enter stationary phase (Lin et al. 2007). 
Cultures grown with MLA medium did not have a significantly higher lipid content than cultures 
grown with other media but did produce significantly greater amounts of biomass over the 
course of the trial. The product of these two factors, total lipid production, did differ significantly 
by treatment, with MLA cultures estimated to have produced on average almost three times as 
much lipid as the lowest lipid-producing treatment, Aquasol. Additionally, lipid content of 
Desmodesmus may be further increased by harvesting later in the growth cycle during stationary 
phase. Instead of immediately filtering and drying the harvested cells, diverting the harvested 
culture to a separate holding vessel to enter stationary phase could serve to enhance lipid 
content further. 
Overall fatty acid composition did not differ significantly across nutrient treatments according 
to multivariate testing. When FAs were grouped into categories of SFAs, MUFAs and PUFAs, only 
MUFA levels were found to differ significantly by treatment. However, Games-Howell post-hoc 
test did not find any significant differences between any two specific treatments. The closest to 
significant differences in total MUFA levels were MLA and MAGf/2 (p = 0.055), and MAGf/2 and 
MAF (p = 0.069). Since untransformed data for total MUFA levels in mg.g DW⁻¹ were MLA: 4.1; 
Algf/2: 2.1; MAGf/2: 1.5; MAF: 2.3; Aba: 3.3; and Aq: 3.8, it does not seem likely that MAGf/2 
and MAF were significantly different, and should be interpreted with caution. For the purposes 
of biodiesel production, algae containing predominantly monounsaturated FAs (MUFAs) with 
low levels of saturated FAs (SFAs) and PUFAs are preferable (James et al. 2013). All nutrient 
treatments of Desmodesmus opoliensis resulted in predominantly SFAs, a moderate amount of 
PUFAs and a very small amount of MUFAs. This indicates that Desmodesmus is potentially not a 
good candidate for biofuel production. 
Despite precautions taken to ensure equal amounts of total nitrogen across treatments, it is 
possible that some nutrient media delivered higher quantities of total nitrogen than others. 
Calculations were carried out using manufacturers’ specifications of ingredients following 




actual levels of various nutrients were intended to be tested using water samples taken at 
various stages of growth. These samples were destroyed by a failure of the laboratory -80°C 
freezer. 
Overall, MLA medium resulted in the greatest biomass production and consequently the 
greatest lipid production of Desmodesmus opoliensis out of the six media trialled. However, pre-
adaptation of the starter culture to this medium may have contributed to these results. No 
significant differences in FA composition were detected, although a larger sample size may 
elucidate differences in future. An abundance of SFAs and PUFAs and a scarcity of MUFAs may 
preclude Desmodesmus opoliensis from effective transformation into biodiesel, but this fast-
growing and robust species may be more suitable to mass production for other purposes, such 




Chapter 3: Effects of light intensity and wavelength on 
growth and pigment composition of microalgae  
Introduction 
The pigments produced by microalgae are valuable molecules which are widely exploited 
through mass cultivation due to their bioactive properties and used as nutraceuticals, 
cosmeceuticals, and functional foods (Borowitzka and Borowitzka 1989, von Oppen-Bezalel and 
Shaish 2009). These pigments fulfil two distinct roles: light harvesting and photoprotection 
(Mulders et al. 2014). Pigments contained in microalgae can be grouped into three major classes: 
chlorophylls, carotenoids and phycobilins (Table 13). All algae contain one or more types of 
chlorophyll (usually 0.5-1.5% of dry weight) and usually between five and ten major forms of 
carotenoids (about 0.1-2% of dry weight) (Becker 1994). Carotenoids can be divided into two 
main groups: the carotenes and the xanthophylls, and may fulfil either accessory light-harvesting 
or photoprotective roles (Becker 1994, Solovchenko 2013). The third major class of microalgal 
pigments, phycobilins, are hydrophilic compounds found only in Cyanobacteria, Rhodophyta, 
Cryptophyta and Glaucophyta (Borowitzka 2013).  
Since the commercial success of high-value products from microalgae relies on the ability to 
produce the product at a competitive price, reduction in production costs is imperative. Several 
algal products must also contend with competition from chemical synthesis; this is of particular 
concern for the carotenoids, the majority of which are synthesised chemically (Borowitzka 
2013). Approaches to cost reduction include reduction of energy input in the form of lighting, 
and optimisation of pigment production. There are two major approaches to increase the level 
and effectiveness of light utilisation by microalgae: action on the receptor via genetic 
engineering, or action on the source via light engineering (Carvalho et al. 2011). This study 
focuses on the latter, but more information on the former may be found in work by Nakajima et 
al. (2001), and in reviews by Grossman (2000) and Grossman et al. (2004). 
The quality and quantity of light received by microalgae is a major influence on both the quantity 
of various pigments accumulated by cells and growth rate, which influences total production of 
target pigments per unit of time. The amount of pigment produced by a cell depends largely on 
the number of photons available for photosynthesis, with light-limiting conditions generally 
resulting in an increase in the number of photosynthetic units and/or the size of light-harvesting 
complexes (Masojidek et al. 2004). Moreover, under supraoptimal irradiance, pigmentation is 




with light availability (up to a certain point, above which photoinhibition occurs), and low light 
levels often lead to a reduction in biomass production (Raven 1988). This trade-off between 
pigment content and growth necessitates determination of optimal light conditions tailored to 
each algal strain intended for commercial exploitation, since various species of microalgae 
require distinct light spectra, depending on the major pigments present therein (Carvalho et al. 
2011). 
The quality of light, i.e. wavelength, available to microalgae for growth also influences the 
amounts of different pigments produced. Photosynthetically active radiation (PAR) denotes the 
spectral range of solar radiation which may be used for photosynthesis and consists of energy 
in the range 400-700 nm. However, various pigments have different absorption peaks, and so 
target pigments may be increased by manipulating light availability at different wavelengths 
(Table 13,Table 14). The production of a combination of pigments with different absorption 
spectra allows microalgae to utilise light in a far broader spectral range than if photosynthetic 
systems consisted of only one such pigment (Carvalho et al. 2011). Similarly, photosynthetic and 
growth efficiencies in different light regimes are reportedly dependent on functional differences 
in pigment composition (Glover et al. 1987). 
Table 13: Photonic features of major pigments in microalgae. Adapted from Masojidek et al. (2004) in 
Carvalho et al. (2011). 
Pigment 
group 




Chlorophylls Green 450–475 
630–675 
Hydrophobic Chlorophyll a 
Chlorophyll b 
Chlorophyll c1, c2, d 
Phycobilins Blue, red 500–650 Hydrophilic Phycocyanin 
Phycoerythrin 
Allophycocyanin 





To maximise light-harvesting efficiency, the wavelength of incident light should match the 
pigment absorption band which corresponds to the lowest excited state; for chlorophyll, 
absorption bands are present in both blue and red spectral regions (Matthijs et al. 1996). Less-
energetic red photons serve photosynthesis equally well on a per-quantum basis as the more 
energy-rich blue photons, and thus are to be favoured for the purposes of energy economy 




by photosynthesis, blue light may result in non-photosynthetic quenching and generation of 
reactive oxygen species (ROS) (Kommareddy and Anderson 2003, Fu et al. 2013). Hence, in order 
to protect the photosynthetic apparatus against ROS, algae accumulate photoprotective 
pigments such as xanthophylls, and high-energy blue light seems to induce pigment 
accumulation in several species (Katsuda et al. 2004, Pérez-Pazos and Fernández-Izquierdo 
2011, Beel et al. 2012, Depauw et al. 2012, Jahns and Holzwarth 2012, Fu et al. 2013, Schulze et 
al. 2014). In contrast, Marchetti et al. (2013) found that chlorophyll a content in haptophyte 
Isochrysis sp. was lower under blue than white light (despite the authors inexplicably reporting 
the opposite trend in their abstract), although this conflicts with findings of other studies 
(Sánchez-Saavedra and Voltolina 1994, Mercado et al. 2004, Schellenberger Costa et al. 2013). 
Interestingly, photosynthetic activity measured as both maximum photosynthetic capacity Pm 
(μmol O2.chl a−1.h−1) and light-saturated photosynthetic rate Pmax (μmol O2.chl a−1.h−1) in the 
same study were higher under blue light than white light (Marchetti et al. 2013). However, 
Marchetti and colleagues (2013) did not offer an explanation for this phenomenon, focusing 
instead on the effect of dilution rate in the experiment and merely commenting that 
“photosynthetic activity increased with [dilution rate], though the difference was more marked 
for cultures grown under blue light”. The authors concluded that “there is no consensus on chl 
a content behaviour among microalgal species with respect to their potential for chromatic 




Table 14: Light quality effects on microalgal pigment composition at specific wavelengths. Modified 
from Schulze et al. (2014). 
Light Wavelength 
max. (nm) 
Alga Effects Reference 




Lowest chl. and phycocyanin 
content in biomass compared 
to yellow, green, red and 
white LEDs 
(Chen et al. 2010) 
 470 Dunaliella salina β-Carotene and lutein 
accumulation when red light 
(660 nm) was supplemented 
with blue [red light alone at 
the same incident photon 
flux inhibited growth and 
carotenoid accumulation]  
(Fu et al. 2013) 
 470 Haematococcus 
pluvialis 
Accumulation of red 
pigments 
(Beltran et al. 
2013) 
 380-470 Haematococcus 
pluvialis 
Accumulation of astaxanthin (Katsuda et al. 
2004) 
 n/a Isochrysis T-ISO Lower chl. content per cell 
compared to white FLs 
(Marchetti et al. 
2013) 
 n/a Phaeodactylum 
tricornutum 
Larger pool of xanthophyll 
cycle pigments and higher 
chl. a content compared to 
red and white LEDs (low light 
conditions) 
(Schellenberger 
Costa et al. 2013) 
 470 Tetraselmis 
suecica F&M-
M33 
Higher chl. accumulation 
compared to cool white FLs 
and red and green LEDs 
(Abiusi et al. 
2014) 
Green n/a Chlorella vulgaris Higher chl. accumulation 
compared to blue, yellow, 





Red 660 Botryococcus 
braunii Bot-144 
Evidence of higher 
carotenoid/chlorophyll ratio 
compared to blue and green 
LEDs 
(Baba et al. 2012) 
 630 Tetraselmis 
suecica F&M-
M33 
Reduced chl. content 
compared to cool white FLs 
and blue and green LEDs 
(Abiusi et al. 
2014) 
 600-690 Scenedesmus 
obliquus CNW-N 
and FSP-3 
Lowest lutein content 
compared to blue, green and 
white LEDs 
(Ho et al. 2014) 
Far-
red 
n/a Dunaliella salina 
(syn. D. bardawil) 
Reduced chl. a content but 
higher carotenoid levels 
compared to cells grown 
under white FLs 
(Sánchez-






Chlorella vulgaris has attracted much interest for pigment production due to its robustness, 
desirable pigment content and fast growth rates (Karlander and Krauss 1966, Gouveia et al. 
1996, Chen et al. 2005, Gouveia et al. 2007, Seyfabadi et al. 2011, Fu et al. 2012, Sun et al. 2014). 
Desmodesmus spp. and the closely related Scenedesmus spp. have also received attention for 
their pigment content, though to a lesser extent than Chlorella spp. (An et al. 1999, Sánchez et 
al. 2008, Macías-Sánchez et al. 2010, Chan et al. 2013, Solovchenko et al. 2013, Xie et al. 2013, 
Ho et al. 2014). While Desmodesmus sp. has been investigated regarding effects of light intensity 
on pigments (Solovchenko et al. 2013), there are apparently no studies which address the effects 
of light wavelength on pigment content. 
This study aims to determine the effects of various light conditions on the growth and 
production of several commercially interesting pigments of Chlorella vulgaris and Desmodesmus 
opoliensis. Specifically, low-intensity white fluorescent light is compared to high-intensity white 
LED light, and monochromatic red and blue LED light. It is hypothesised that: 
1. Growth rates will increase with increased light intensity; 
2. Pigment content will decrease with increased light intensity; 
3. Pigment content will increase with a shaded growth period; 
4. The effect of different light conditions on pigment content and production will differ 
between species. 
Methods 
Chlorella vulgaris CS-41 and Desmodesmus opoliensis CS-904 were both obtained from the 
Australian National Algae Culture Collection (CSIRO, Hobart, Australia) and maintained in MLA 
medium in autoclaved RO water (Bolch and Blackburn 1996). Culture conditions remained the 
same as per Experiment 1, but triplicate 220 mL cultures were exposed to five different light 
conditions (Table 15, Appendix 7). 
Table 15: Lighting conditions, light intensity (PAR) and temperature conditions of cultures grown under 
different light treatments. Light intensity was measured with a quantum sensor, and temperature 
was recorded at 15-minute intervals over a 24-hour cycle using iBCod temperature loggers. 
Treatment Lighting conditions PAR (µmol.m⁻².s⁻¹) Temperature (°C) 
Min/average/max 
Low Single cool white fluorescent tube 35 22.5/23.9/26.5 
High White LED 155 22.5/25.5/28.0 
High – shaded White LED followed by 24-hour shading 
period 
155 – 0 22.5/25.5/28.0 
Red Red LED 118 23.0/27.8/31.5 





Light intensity, measured as photosynthetically active radiation (PAR), was determined using a 
quantum sensor with a spectral range of 410 to 655 nanometres (SQ-110 Quantum Sensor, 
Apogee Instruments, Inc., Utah, USA) (Error! Reference source not found.).  
Although cultures were exposed to temperature-controlled laboratory conditions of 22°C, 
differential culture temperatures and subsequent rates of evaporation were evident across 
treatments during the experiment, apparently influenced by the size of the LED panels and 
distance from light source. LED-lit cultures were positioned on panels and received light directly 
from underneath, whilst low light cultures were 40 cm from the fluorescent light source. Red 
and blue LED panels were 25 × 25 cm, whilst the white LED panel was 114.5 × 55 cm. 
Consequently, the temperature range of each culture was recorded at 15-minute intervals over 
a 24-hour cycle using iBCod temperature loggers (Alpha Mach Inc., Quebec, Canada), and final 
densities were adjusted according to the remaining volume at the termination of the experiment 
on Day 5. A five-day period was selected to allow for a lag phase whereby cells acclimate to light 
conditions, without entering stationary phase. 
Growth was monitored daily by taking 2.5 mL samples and measuring optical density at 680 nm 
(Aquanova Environmental Spectrophotometer, Jenway, UK). Growth rates were calculated as 
 
µ = ln⁡(𝐴2/𝐴1)/(𝑡2 − 𝑡1)  
 
where A2 is absorbance at 680 nm at time 2 (t2) and A1 is absorbance at 680 nm at time 1 (t1) 
(Levasseur et al. 1993). Growth rates were calculated between Days 1 and 2, during exponential 
phase. On Day 5, two 10 mL samples per culture were filtered and dried to constant weight at 
60°C to determine dry weight production per volume. 
Pigment extraction and analyses 
Pigment analyses were undertaken by wet extraction in 95% ethanol on Day 5 of growth 
following methods outlined by Lichtenthaler (1987) and Henriques et al. (2007). One 2 mL 
sample per culture was centrifuged for 5 minutes at 5837 rpm, the pellets resuspended and 
washed once in RO water to remove any residual salts, supernatants discarded, and 2 mL of 95% 
ethanol added. Cell disruption was aided by 1.5 minutes of vortexing (Lab dancer, IKA) and 
physically using a metal pestle for 45 seconds. All extractions were undertaken under subdued 




6°C. Samples were then vortexed again for 1.5 minutes and centrifuged. The absorbance of the 
supernatants was measured at 664, 649 and 470 nm wavelengths under subdued light to 
determine the contents of chlorophylls a and b, total chlorophyll and total carotenoid content 
(xanthophylls plus carotenes). Absorbance of supernatants at 750 nm was also measured to 
ensure pigment solutions were fully clear; any samples which had an OD750 greater than 0.05 
were centrifuged again (Lichtenthaler 1987). Equations for the determination of pigment 
concentrations were taken from Lichtenthaler (1987) (Table 16). 
Table 16: Equations used to determine pigment concentration, taken from Lichtenthaler (1987), where 
A denotes the absorbance at the wavelength indicated in subscript. 
Pigment(s) Equation 
Total chlorophylls 𝐶𝑎+𝑏 = 5.24𝐴664 + 22.24𝐴649 
Chlorophyll a 𝐶a = 13.36𝐴664 − 5.19𝐴649 
Chlorophyll b 𝐶𝑏 = 27.43𝐴649 − 8.12𝐴664 
Total carotenoids 
𝐶𝑥+𝑐 =




Two-way fixed factor ANOVA (Species, Light treatment, Species×Light treatment) were 
performed using GraphPad Prism version 5.00 for Windows (GraphPad Software, La Jolla 
California USA) to determine any significant differences in (i) specific growth rate.d⁻¹, (ii) total 
dry weight production (g.culture-1), (iii) chlorophyll a content (mg.g-1), (iv) chlorophyll b content 
(mg.g-1), (v) total chlorophyll (a+b) content (mg.g-1), (vi) total carotenoid content (mg.g-1), (vii) 
total chlorophyll a production (mg.culture-1), (viii) total chlorophyll b production (mg.culture-1), 
(ix) total chlorophyll (a+b) production (mg.culture-1), and (x) total carotenoid production 
(mg.culture-1) across treatments or between species. 
Results 
Growth 
Growth rate as determined by optical density at 680 nm between Days 1 and 2 did not differ 
significantly between species or across light treatments, nor was there an interaction between 
the two (Table 17). For Chlorella, growth rate ranged from 0.73 µ.day⁻¹ under low light to 0.99 
µ.day⁻¹ under high light (data not shown). Desmodesmus exhibited slightly lower growth rates, 
ranging from 0.72 µ.day⁻¹ under low light to 0.84-0.86 µ.day⁻¹ under high-, red- and blue-light 




and from dry weight productivity assessed on Day 5, low light yielded significantly lower biomass 





Figure 14: Average growth of a) Chlorella vulgaris and b) Desmodesmus opoliensis cultures under five 
different light treatments using optical density at 680nm as a proxy of cell density. Error bars are 
±SE, n = 3. 
Under low light conditions, Chlorella and Desmodesmus produced similar amounts of biomass; 
approximately 0.7 g, but under all other light conditions, Desmodesmus showed a significantly 
greater response than Chlorella, with up to a three-fold increase in dry weight yield for 
Desmodesmus under high-light conditions compared to a less than two-fold increase for 




























































across all light treatments other than low light, whereas Desmodesmus showed a 25% decrease 
in biomass yield with shading compared to the unshaded, high-light treatment. For 
Desmodesmus, red light resulted in similar dry weight production to high light, and yield under 
blue-light conditions was not significantly different to either high-light or shaded conditions.  
 
Figure 15: Average dry weight production of Chlorella vulgaris and Desmodesmus opoliensis cultures 
under five different light treatments on Day 5 of growth, calculated as the product of density and 
volume. Units are grams of dry weight per culture. Error bars are ±SE, n = 3. Different upper-case 
letters signify significant difference across light treatments for Chlorella, different lower-case letters 
signify significant difference across light treatments for Desmodesmus, and brackets show 
significant difference between species for each treatment [NS p > 0.05, * p < 0.05, ** p < 0.01 and 

















































Table 17: Results of fixed factor two-way ANOVA for variation in pigment content and growth across 
light treatments of Chlorella vulgaris and Desmodesmus opoliensis (n = 3) 
Parameter 
Species x  
Light treatment 
Species Light treatment Residual 
 MS F MS F MS F MS 
Specific growth 
rate.d⁻¹ 
0.03167 1.477 0.02175 1.014 0.03128 1.459 0.02144 
Total dry weight 
production 
(g/culture) 




22.28 8.931*** 156.3 62.66*** 207.8 83.30*** 2.494 
Chlorophyll b 
content (mg/g) 




65.06 5.687** 565.2 49.40*** 666.8 58.28*** 11.44 
Total carotenoid 
content (mg/g) 


















0.009197 10.99*** 0.03740 44.71*** 0.002718 3.249* 0.0008365 





In contrast to biomass production, Chlorella produced significantly greater chlorophyll and 
carotenoid content as a proportion of dry weight than Desmodesmus under all light conditions 
other than low light, where Chlorella and Desmodesmus were not statistically significantly 
different (Figure 16; Table 17). 
Predictably, all measures of chlorophyll content as a proportion of dry weight were significantly 
higher under low light than any other light condition for both Chlorella and Desmodesmus 
(Figure 16 a), b) and c); Table 17). For Desmodesmus, all other light treatments yielded 
chlorophyll contents which were not significantly different to each other, at around 16 times 
less than low light. For Chlorella, although there was no significant difference across other light 
treatments for chlorophyll b content (about half that under low light), shading for 24 hours after 
growth under high-light conditions produced the second highest content of chlorophyll a and 
total chlorophyll, more than half that of low light. Unshaded, high-light and red-light treatments 
of Chlorella produced total chlorophyll and chlorophyll a contents that were not significantly 
different to either high-shaded conditions or to blue light, which resulted in the lowest 
chlorophyll content overall (about one-third that of low light). 
Total carotenoid content of Desmodesmus was highest under low light, approximately five times 
greater than other light conditions which were not significantly different to each other (Figure 
16 d); Table 17). For Chlorella, low light conditions also yielded the highest total carotenoid 
contents. However, shading after growth under high light yielded carotenoid content which was 
not significantly lower than under low light. Yet, high-shaded conditions did not yield 
significantly higher carotenoid contents than other light treatments, which were a mere 25% 









































































































Figure 16: Average a) chlorophyll a, b) chlorophyll b, c) total chlorophyll and d) total carotenoid content 
of Chlorella vulgaris and Desmodesmus opoliensis cultures under five different light treatments on 
Day 5 of growth. Units are milligrams of pigment per gram of dry weight. Error bars are ±SE, n = 3. 
Different upper-case letters signify significant difference across light treatments for Chlorella, 
different lower-case letters signify significant difference across light treatments for Desmodesmus, 
and brackets show significant difference between species for each treatment [NS p > 0.05, 









































































































Total pigment production 
Taking increased growth into account by calculating total pigment production (the product of 
pigment content and dry weight production), Chlorella still outperformed Desmodesmus under 
all light conditions other than low light by up to 5.7 times for chlorophyll production (Figure 17 
a), b) and c); Table 17). Under low light, the amounts of all pigments tested were not statistically 
significantly different between the two species (Figure 17; Table 17). Total carotenoid 
production was similar between the species under both low and high light, but under all other 
light conditions Chlorella produced significantly greater quantities of carotenoids, up to 3.2 
times as much as Desmodesmus (Figure 17 d); Table 17). 
For Desmodesmus, low light conditions still yielded the greatest chlorophyll production, almost 
six times greater than other light conditions which were not significantly different to each other 
(Figure 17 a), b) and c); Table 17). Total carotenoid production in Desmodesmus was also 
greatest under low light, but high-light and high-shaded conditions resulted in only a 30% 
reduction in carotenoids compared to low light (Figure 17 d); Table 17). Blue light yielded a more 
marked 70% reduction in carotenoid production compared to low light for Desmodesmus, and 
red light produced carotenoid levels at the midpoint between blue- and high-light/high-shaded 
conditions. For Chlorella, high-shaded and red-light treatments were not significantly different 
to low light for chlorophylls a, b and total chlorophyll production (Figure 17 a), b) and c); Table 
17). The high-light treatment of Chlorella also resulted in chlorophyll b production which was 
not significantly lower than under low light. However, for chlorophyll a and total chlorophyll, 
high-light production was only around 70% that of low light; this was statistically lower than low 
light but similar to all other light treatments. Pigment production in Chlorella for all measures of 
chlorophyll under blue-light conditions (about 60% that of low light) was significantly lower than 
all other light treatments apart from high light. Carotenoid production in Chlorella was not 















































































































Figure 17: Average a) chlorophyll a, b) chlorophyll b, c) total chlorophyll and d) total carotenoid 
production of Chlorella vulgaris and Desmodesmus opoliensis cultures under five different light 
treatments on Day 5 of growth. Units are milligrams of pigment per culture. Error bars are ±SE, n = 3. 
Different upper-case letters signify significant difference across light treatments for Chlorella, 
different lower-case letters signify significant difference across light treatments for Desmodesmus, 
and brackets show significant difference between species for each treatment [NS p > 0.05, 










































































































In terms of total biomass production, Desmodesmus showed a significantly greater response 
than Chlorella to different light treatments, exhibiting faster growth rates under more 
favourable light conditions and therefore a greater suitability to mass cultivation in a light-
manipulated photobioreactor (PBR) system. As expected, all light treatments with higher PAR 
(high-intensity, red and blue light) yielded significantly more biomass for both species compared 
to the low light control. However, amongst these higher PAR/non-low-light treatments, none 
stood out as being more productive for either of the species tested, although Desmodesmus did 
benefit from the extra 24 hours of high-intensity light by producing a significantly greater 
amount of biomass compared to the shaded treatment, which Chlorella did not. This could 
indicate that Chlorella cultures approached stationary phase around Day 4, whereas 
Desmodesmus was still in the log phase of growth between Days 4 and 5, suggesting a propensity 
for higher final cell density in Desmodesmus cultures.  
Growth rate (µ.day⁻¹) was calculated using measurements of optical density at a fixed 
wavelength (680 nm) between Days 1 and 2. Statistical analyses revealed no significant 
difference across light treatments or between species using this proxy of growth, whereas 
growth measured as dry biomass production yielded significant differences. The wavelength of 
680 nm is just above the maximum range of absorption bands of the pigments tested 
(chlorophylls: 630-675 nm) and was selected to increase the reliability of optical density as a 
proxy of growth rather than as an indication of the pigments contained within cells. However, 
the results of this study suggest that differences in optical density at this wavelength may not 
be an appropriate indication of variations in growth for studies using various light wavelengths 
as the independent variable. In retrospect, the relationship between optical density at 680 nm 
and dry weight changes with the stage in the growth cycle as well as with growth conditions, 
and at this wavelength chlorophyll content still has a significant effect (Borowitzka 2019, pers. 
comm.) OD720 or OD750 would have been a more accurate choice in this study.  
Changes in pigment contents without changes in growth are not unheard of for microalgae. 
Growth rate of cells of the marine diatom Stephanopyxis turris in blue-green light were not 
different to those grown in white light, but contained higher chlorophyll contents than their 
white-light counterparts (Jeffrey and Vesk 1977). No change in proportion of photosynthetic 
pigments occurred, but the number of chloroplasts per cell and the number of thylakoids per 
chloroplast both increased. In fact, of 17 marine phytoplankton species studied, Jeffrey and Vesk 




grown in blue-green light compared to those grown in white light. These authors suggested the 
possible ecological significance of this effect for cells occurring in the euphotic zone of the ocean. 
Algal viability may be increased at this depth by switching on synthesis of the light-harvesting 
pigment apparatus for more efficient photon capture of blue-green light reaching this depth. 
This phenomenon was not evident in the present study. Light quantity rather than quality 
seemed to drive pigment production in both Desmodesmus and Chlorella with content of all 
measured pigments under low light conditions significantly higher than under any other 
treatment. The exception to this was Chlorella cells grown under high-intensity white light and 
shaded for 24 hours. This treatment yielded carotenoid content which was not statistically 
significantly different to the carotenoid content of cells grown under low light conditions. 
However, this period of shading did not result in a similar increase in chlorophyll levels. 
Blue light may result in decreased growth, even for the same test species. Kim et al. (2014) 
reported different results when they compared Chlorella vulgaris grown under monochromatic 
red and monochromatic blue LED light to cool white FLs. Whilst biomass production of cells 
grown under red LEDs was similar to that of cells grown under white FLs, cells grown under blue 
light exhibited significantly reduced biomass productivity. Further, compared to cells grown 
under white light, cells grown under blue light featured significantly larger cell size, significantly 
greater ROS activity and significantly higher chlorophyll content. Similarly, compared to white 
light, red light resulted in cells which were smaller, had lower ROS activity and lower levels of 
chlorophyll. These authors suggest that increased ROS generation via blue light illumination may 
be responsible for the increased cell size. 
Blue light may also result in increased growth. Wallen and Geen (1971) reported the highest 
growth rates for cells grown under blue, white then green light respectively for two species of 
marine algae, Cyclotella nana and Dunaliella tertiolecta. In their often-cited study, 
photosynthetic rates in both species were higher in blue light and lower in green light compared 
with white light of the same intensity. This pattern held true for both species under both high- 
and low-light intensities. In my study, equal intensities of light were not achieved in the 
experimental setup, and differences in growth amongst blue-, red- and white-light treatments 
were not determined. Both Desmodesmus and Chlorella demonstrated the ability to grow under 
both red and blue light without a significant reduction in biomass production compared to white 
light. However, due to restrictions in experimental setup, incident PAR of the blue-light 
treatment (307 µmol.m⁻².s⁻¹) was more than double that of the red-light treatment 




(155 µmol.m⁻².s⁻¹). Ideally, an equal number of incident photons for all treatments (except low 
light) may more usefully elucidate the photosynthetic efficiencies of the two species under 
white, red or blue light.  
Under light-limiting conditions (i.e., low-light treatment), Chlorella and Desmodesmus produced 
similar amounts of all measured pigments as a proportion of dry weight. For all other light 
treatments, Chlorella exhibited a significantly greater pigment content than Desmodesmus. This 
indicates that Desmodesmus is more efficient at using available light than Chlorella. That is, 
under the same light conditions, Desmodesmus utilised photons more efficiently than Chlorella 
allowing faster replication of cells, whilst Chlorella directed more cellular resources towards 
light-harvesting in the form of pigment content. 
As predicted, both species showed reduced pigment content under all light treatments relative 
to low light. It is well established that light-limiting conditions result in increased pigmentation, 
and increasing light availability leads to decreased production of the light-harvesting apparatus 
by way of a reduction in either the size or number of photosynthetic units (Falkowski and Owens 
1980, Barlow and Alberte 1985, Solovchenko et al. 2008, Ho et al. 2014, Vaquero et al. 2014, 
Ferreira et al. 2016). The exception in this case was the total carotenoid content of Chlorella 
under high-shaded conditions; the 24-hour period of shading proved to increase carotenoid 
content of cells to levels statistically comparable to the low-light treatment. Despite this, after 
also taking biomass production into account, no statistically significant difference could be 
determined for total carotenoid production across treatments.  
In comparing the two species for the purposes of total production of pigments, Chlorella is 
revealed to be the better candidate. Chlorella produced significantly higher levels of chlorophylls 
than did Desmodesmus under all light conditions apart from low light, which was not significantly 
different. For total carotenoid production, Desmodesmus produced a similar quantity of 
carotenoids to Chlorella under both low- and high-light treatments, but for all other treatments 
Chlorella produced significantly more carotenoids than Desmodesmus. Under blue light, 
Chlorella produced on average more than 3.2 times that of Desmodesmus. It has been shown 
that the total incident irradiance that is ultimately absorbed by the photosynthetic pigments of 
microalgae is influenced by cell size, shape, chloroplast arrangement and packaging into 
thylakoid components (Kirk 1983, Glover et al. 1987). The two species in my study exhibit distinct 
morphologies, with Desmodesmus opoliensis growing in coenobia (colonies) of two, four or eight 
cells measuring approximately 16 × 6 µm. In contrast, Chlorella vulgaris grows as free spherical 




been affected to a greater degree by self-shading compared to the free Chlorella cells, yet still 
exhibited higher growth rates and lower pigment content than Chlorella. 
From an economic perspective, if production of generic algal biomass were the aim of a 
commercial venture then Desmodesmus grown using white, red or blue LEDs would produce 
greater yields than Chlorella under any of the tested light conditions. Since red LED light is the 
most cost-effective in terms of energy consumption, Desmodesmus grown under red LED 
conditions would be the best choice for biomass production. Conversely, if pigment production 
is to be the commercial target, Chlorella grown under red LED light would yield the greatest 
amount of pigments per energy unit. 
The preliminary findings of this study may be improved upon by using adaptive laboratory 
evolution (ALE). ALE has been shown to enhance productivity even further by allowing 
subsequent generations of algae to adapt to growth conditions and optimise growth (Fu et al. 
2012, Fu et al. 2013). For example, Fu et al. (2013) showed that the application of long-term 
iterative stress (i.e. ALE) in chlorophyte Dunaliella salina yielded strains with increased growth 
rate, enhanced light tolerance and increased accumulation of carotenoids under combined blue 
and red LED light. The seed stock used in the current study was acclimated to slow growth under 
a single fluorescent bulb (“low” light conditions), and this may have resulted in an 
underestimation of pigment production for other treatments during the five-day trial, as cells 
had to undergo photoadaptation during that period. Further testing over a longer period with 
sequential dilution of cultures under the same light conditions may reveal greater pigment 
production for both species tested. A short trial was chosen so the pigment extractions would 
occur during log phase and thus pigment content would be reflective of an actively growing 
culture. Since growth was starting to abate in cultures of the fastest growing treatments, the 
trial was concluded after 5 days. Self-shading of cells in very dense cultures would also affect 
pigment content and it was hoped that the termination of the trial after 5 days would limit this 
effect. 
Further enhancement to pigment production for Chlorella may also be achieved by 
supplementing the red LED light with blue light. Lee and Palsson (1996) found that Chlorella 
vulgaris grown under red LED light supplemented with blue LED light did not enhance biomass 
productivity, but did result in increased per cell chlorophyll content compared to red light alone. 
Alternatively, application of the different wavelengths at the appropriate growth stage may also 
increase pigment productivity. Red LED light as the sole light source has been shown to cause a 




three times smaller average cell size compared to controls grown under full spectrum FL (Lee 
and Palsson 1996). Similarly, Kim et al. (2014) report that red LED light produced small-sized C. 
vulgaris cells with active divisions whereas blue LED light resulted in significantly increased cell 
size compared to the white LED control. By using blue light first and then shifting to red light, 
Kim and colleagues discovered significantly increased biomass and lipid productivity compared 
to the control. Although their study focussed on lipid productivity, chlorophyll content of cells 
grown under blue light was found to be almost double that of cells grown under red light. 
However, values for chlorophyll content appeared to fluctuate greatly over the four days tested; 
for example, under continuous blue light, chlorophyll content dropped between Days 2 and 3, 
peaked at Day 4 and then fell again on Day 5. The authors gave no explanation for this, nor any 
indication of how many replicates were tested to contribute to these data. Further, they also 
report chlorophyll content as mg.L-1 without taking density differences across treatments into 
account. Regardless, the increased biomass productivity resultant from the sequential 
application of blue and then red light is an avenue worthy of investigation for pigment 
production by C. vulgaris. 
In conclusion, Desmodesmus opliensis cells grown using red LED light would likely be the most 
efficient of all tested strategies for generic microalgal biomass production. Contrarily, Chlorella 
vulgaris cells grown using red LED light would likely be the most efficient strategy for production 
of chlorophyll and carotenoid pigments. Further investigation utilising ALE and/or 
supplementation of red with blue LED light would be necessary to further optimise pigment 




Chapter 4: General discussion and conclusions 
This thesis explored the effects of light availability on the growth and pigment content of two 
native Australian chlorophyte microalgae strains sourced from and recommended by the CSIRO 
from the Australian National Algae Culture Collection (Hobart, Australia): Chlorella vulgaris 
CS-41 and Desmodesmus opoliensis CS-904. It also investigated the effects of various 
commercially available water-soluble nutrient growth media on the growth, lipid content and 
fatty acid composition of Desmodesmus opoliensis CS-904. 
In the light trial, Desmodesmus outperformed Chlorella in terms of pure biomass production. In 
contrast, Chlorella appeared the better candidate for pigment production. Chlorella featured 
greater pigment content than Desmodesmus under all light conditions other than low light, 
whereas Desmodesmus boasted greater growth than Chlorella under all light conditions other 
than low light. Conversely, the pigment content of Chlorella was so much greater than that of 
Desmodesmus that the former produced significantly greater quantities of pigments than the 
latter, despite the comparatively lower rate of biomass production. 
In the nutrient trial, MLA nutrient medium supported the greatest biomass production of 
Desmodesmus opoliensis of the six commercial nutrient media tested during the 29-day growth 
trial. Aquasol, Abasol and Micro Algae Food supported the next highest growth rates in terms of 
total biomass production, followed by the two f/2 formulations, Micro Algae Grow™ f/2 and 
AlgaBoost™ f/2. The semi-continuous batch nature of harvesting and the pre-adaptation of 
Desmodesmus to MLA may have contributed to these results, but all non-MLA media were 
deficient in key elements and did not support growth as well as the complete medium, MLA. 
Neither total lipid content as a percentage of dry weight nor overall fatty acid composition were 
found to significantly differ by nutrient treatment. An abundance of SFAs and PUFAs 
accompanied by a paucity of MUFAs across all nutrient treatments indicate a lack of suitability 
of Desmodesmus opoliensis CS-904 to conversion to biodiesel. 
The small sample size in both these trials (n = 3) was selected due to restrictions in available 
resources in experimental set-up. However, having such a small sample size potentially 
prevented real patterns from being revealed due to a lack of power in statistical analyses. Future 
trials should have a minimum of n = 4, which would be of particular help in case of loss and/or 
breakage of samples.  
The nutrient trial (Chapter 2) focused on the effects of nutrient availability on lipid production 




affected by the different nutrient treatments (pers. obs., Appendix 6). Cultures which received 
MLA were a deep forest green, whereas the cultures which received the other media were a 
more yellowy-lime shade of green, with Aq being the closest to MLA in terms of colour shade. 
This obvious change in shade is potentially correlated with changes in pigment content. Pigment 
content was only analysed in the light trial (Chapter 3). Now that preliminary trials have revealed 
some insight on the response of these algae to light and nutrients in terms of pigments and lipids 
respectively, it would be interesting to examine the interactive effects of these factors together 
on lipids and pigments in a single, larger-scale trial. For example, Fernández Cordero et al. (2012) 
showed that both light and nitrogen influence the regulation of the carotenogenic pathway of 
Chlorella zofingiensis, enhancing the accumulation of β-carotenoid whilst suppressing the 
production of α-carotenoids. 
Increased financial viability of large-scale culture of these two chlorophytes may be achieved by 
taking advantage of waste-water streams and/or carbon dioxide from flue gases which are 
produced as a by-product of various industries. Since lipid content and FA composition were not 
significantly affected by nutrient treatment of Desmodesmus, it is conceivable that this alga 
could be grown using nutrients from waste-water at no loss to lipid content. This strategy would 
decrease costs of nutrient media whilst simultaneously offsetting the negative environmental 
impacts of other industries through bioremediation and carbon fixation, which is of increasing 
importance in today’s global climate. Sloth et al. (2017) achieved efficient growth and 
phycocyanin production of heterotrophic microalga Galdieria sulphuraria using substrates made 
of food waste from restaurants and bakeries. In another economically- and environmentally-
friendly strategy, Ho et al. (2018) took medium previously used for culturing Chlorella 
sorokiniana and Chlorella vulgaris and used it to grow Spirulina platensis. They demonstrated 
that this cyanobacterium could use 25-50% recycled medium in place of fresh medium at no 
significant loss to biomass or C-phycocyanin production.  
In the present study, both Chlorella and Desmodesmus produced similar amounts of biomass 
under white-, red- and blue-light conditions. A photon of blue light contains about 40% more 
energy than a photon of red light, and thus longer-wavelength red light is more energetically 
efficient than blue (Matthijs et al. 1996). The ability to grow under more cost-effective lighting 
at no cost to biomass productivity bodes well for the suitability of these species for mass 
cultivation in a PBR system. Desmodesmus opliensis cells grown using red LED light would likely 




Contrarily, Chlorella vulgaris cells grown using red LED light would likely be the most efficient 
strategy for production of chlorophyll and carotenoid pigments. 
The present study demonstrated the ability of Chlorella vulgaris to grow using red light only. 
Low doses of blue light have been shown to be required by many plants and algae, not for 
energetic purposes, but for enzyme activation and regulation of gene transcription (Ruyters 
1984, Matthijs et al. 1996). However, Matthijs et al. (1996) grew Chlorella pyrenoidosa under 
either red and blue LED light or just red LED light, and found no difference in growth or protein 
or chlorophyll contents. Red light only did not appear to impair the regulation of enzyme activity 
or gene transcription. The authors concluded that it was possible that either the red LEDs 
produced minute amounts of blue photons which was sufficient to provide signals for regulatory 
functions, or that this strain of Chlorella could grow with just red light. However, the trial 
consisted of a single replicate and a control.  
Further enhancement of metabolite production may be achieved by undertaking a two-phase 
growth strategy: (1) rapid growth of microalgal biomass under optimal conditions followed by 
(2) application of stress conditions to trigger synthesis of target metabolites (e.g. Ben-Amotz 
1995, Schenk et al. 2008). Danesi (2004) demonstrated a 29% increase in chlorophyll 
productivity in cyanobacterium Spirulina platensis by adopting a two-phase growth strategy 
whereby cultures rapidly accumulate biomass under favourable light conditions of 5 klux and 
then accumulate chlorophyll under low light conditions of 2 klux. Kim et al. (2014) demonstrated 
significantly increased biomass and lipid productivity in Chlorella vulgaris by first using blue light 
and then shifting to red light. Moreover, blue-light treatment produced cells with chlorophyll 
content which was almost double that of cells grown with red light.  
Adaptive laboratory evolution (ALE) is a strategy which could be used to further optimise growth 
and metabolite production in Chlorella and Desmodesmus, or more clearly elucidate the effects 
of various light and nutrient treatments on these species. Microalgae require time to adapt to 
changes in growth conditions (lag phase), and thus longer-term experiments with sequential 
dilutions under constant conditions may serve to tease apart the potentially complex responses 
of these algae to those conditions. Further, ALE has been shown to increase the tolerance of 
algae to stress conditions through long-term iterative stress, which may be useful in increasing 
accumulation of pigments and potentially lipids (Fu et al. 2013).  
This study demonstrated the ability of Desmodesmus opoliensis to grow rapidly under 




the fatty acid profile of Desmodesmus does not seem suitable to conversion to biofuel owing to 
a paucity of desirable MUFAs and an abundance of SFAs and PUFAs, production of generic algal 
biomass for other applications under energy-efficient red LED lighting would be a suitable use 
for this microalga. Contrarily, Chlorella vulgaris grown under red LED light would be the most 
cost-effective of all tested strategies for mass production of pigments. Overall, this study has 
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Composition of six commercial 
nutrient media 
  
Table 1: Nutrient composition of MLA 
MLA 
 
Constituent Concentration (mg/L) 
ZnSO4∙7H20  0.022 
CuSO4∙5H20  0.01 
Na2MoO4∙2H20  0.006 
NaNO3  170 
FeCI3∙6H20  1.58 
Na2EDTA  4.56 
CoCl2∙6H20  0.01 
MnCI2∙4H20  0.36 
Thiamine HCI  0.1 
Biotin  5 x 10-4 
Cyanocobalamin (B12) 5 x 10-4 
NaHCO3  1.2+16.8 ("additional nutrients"; 
see Bolch & Blackburn 1996) 
MgSO4∙7H20  49.1 
K2HPO4  34.8 
H3BO3  2.4 
H2SeO3  0.0012 
CaCl2∙2H20  29.4 
Na2SO3  12.6 
[TAN] 0 
[NOx] 2.00 x 10-3 M 
[Total N] 2.00 x 10-3 M 
Molar N   




Molecular weight 84.9947 
170 mg/L=0.17 g/L 




2.00 x 10-3 M   
Expected N   




N as % of NaNO3= 0.16479498 
N in mg/L = 28.0151468 
 
Table 2: Nutrient composition of Algf/2 
Algf/2  
Constituent Molar Concentration  
ZnSO4∙7H20 7.65 x 10-8 M 
CuSO4∙5H20 3.93 x 10-8 M 
Na2MoO4∙2H20 2.60 x 10-8 M 
NaNO3 8.82 x 10-4 M 
NaH2PO4∙H20 3.62 x 10-5 M 
Na2SiO3∙9H20 1.06 x 10-4 M 
FeCl3∙6H20 1.17 x 10-5 M 
Na2EDTA∙2H20 1.17 x 10-5 M 
CoCl2∙6H20 4.20 x 10-8 M 
MnCl2∙4H20 9.10 x 10-7 M 
thiamine HCl (vit. B1) 2.96 x 10-7 M 
biotin (vit. H) 2.05 x 10-9 M 
cyanocobalamin (vit. B12) 3.69 x 10-10 M 
[TAN] 0 
[NOx] 8.82 x 10-4 M 
[Total N] 8.82 x 10-4 M 
Expected N 
 
NaNO3 8.82x10-4 M 
8.82x10-4 mol/L 
 
N: 14.0067 g/mol 
 





11.49 mg/L nitrogen 
 
Table 3: Nutrient composition of MAGf/2 
MAGf/2 
 


















Table 4: Nutrient composition of MAF 
MAF without silicate 
 
Constituent w/w 
Nitrogen (N) as Nitrate  13.40% 
Phosphorus (P) as Phosphate  1.40% 
Zinc (Zn) as Sulphate  44 mg/L 
Copper (Cu) as Sulphate  25 mg/L 
Molybdenum (Mo) as Molybdate  25 mg/L 
Sodium (Na) as Nitrate  23.50% 
Manganese (Mn) as Chloride  500 mg/L 
Vitamin B1 (Thiamine hydrochloride)  1000 mg/L 
Ferric Citrate  4.50% 
 
Table 5: Nutrient composition of Abasol 
Abasol 
 
Constituent % w/w 
Nitrogen (N) as ammonium  1.8 
Nitrogen (N) as nitrate  2.6 
Nitrogen (N) as urea  18.6 
TOTAL NITROGEN (N)  23 
TOTAL PHOSPHORUS (P): Phosphorus (P) as water soluble  4 
Potassium (K) as nitrate  7.8 
Potassium (K) as Phosphate  10.2 
TOTAL POTASSIUM (K)  18 
Zinc (Zn) as Sulphate  0.05 
Copper (Cu) as Sulphate  0.06 
Molybdenum (Mo) as Molybdate  0.0013 
Manganese (Mn) as sulphate  0.15 
Iron (Fe) as Chelate  0.06 
Boron (B) as Borate  0.011 
Total N   
Similarly,   
nitrate N is 4.7 mg/L   
1% will be 4.7 mg/L div by 2.6 
1.807692308 mg/L 




Table 6: Nutrient composition of Aquasol 
Aquasol 
 
Constituent For water 
N : P : K 23 : 3.95 : 14 
Nitrogen (N) as Mono-Ammonium Phosphate  1.80% 
Nitrogen (N) as Potassium Nitrate  2.60% 
Nitrogen (N) as Urea  18.60% 
Total Nitrogen 23.00% 
Total Phosphorus (P) – water soluble as Mono-Ammonium 
Phosphate  
4.00% 
Potassium (K) as Potassium Nitrate  7.80% 
Potassium (K) as Potassium Chloride  10.20% 
Total Potassium (k)  18.00% 
Zinc (Zn) as Zinc Sulphate  0.05% 
Copper (Cu) as Copper Sulphate  0.06% 
Molybdenum (Mo) as Sodium Molybdate  0.00% 
Manganese (Mn) as Manganese Sulphate 0.15% 
Iron (Fe) as Sodium Ferric E.D.T.A  0.06% 
Boron (B) as Sodium Borate  0.01% 
Maximum Biuret  0.40% 
[TAN]   
[NOx]   
[Total N]   
PERCENTAGES ARE W/W   
Total N   
If nitrate N is 2.6% w/w   
total N is 23% w/w   
nitrate N is 3.7 mg/L   
then total N will be…   
1% will be 3.7 mg/L div by 2.6   
1.423076923 mg/L 










 (a)  
(b)  
(c)  
Figure 1 (a, b & c): Growth set up of Desmodesmus opliensis cultures. Each shelf/photo contains one 
culture from each of six nutrient treatments, randomly positioned and equidistant from the light 
source. Positions of the cultures on each shelf were rotated regularly to minimise differences in 




Initial nitrate testing to balance total 
nitrogen across media   




















MLA 1+2+1mL/L N/A 1+2+1 28.0 25 25 4 
25 
25 
Algf/2 0.5mL/L N/A 0.5 11.5 16 16 0.78 
17 
15 
MAGf/2 0.4mL/L N/A 0.4 ? 10 10.3 0.97 
11 
10 
MAF 0.15g/L 25 6 ? 19 18.7 8.02 
18 
19 
Aba 0.15g/L 50 3 ? 5 4.7 3.61 
5 
4 
Aq (0.15g/L) 25 6 ? 3 3.7 4.59 
3 
5 
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1) Introduction  
a. Fatty Acid Analysis - Algae 
The method described by Laurens and colleagues uses a hydrochloric acid-catalysed procedure 
modified from that of Lepage and Roy.1,2 Laurens and colleagues adapted the procedure to a small 
scale, using quantities of between 7 and 11 mg of biomass and the procedure was carried out on 
lyophilized (freeze dried cells). The method involves extracting the lipids in a solution of 
chloroform/methanal (0.2 ml, 2:1, v/v). This is characteristic of the traditional and routinely 
performed methods of Folch et al (1957)3 and Bligh and Dyer (1959)4. However, rather then doing a 
traditional three step procedure of (1) extraction of lipid in solvent, (2) saponification of lipids with 
a base to free fatty acids and glycerol and (3) transesterification with an acid to convert the FFAs to 
fatty acid methyl esters,5 the developed method simultaneously extracted and transesterified the 
lipids in situ with 0.3 mL HCl/ MeOH (5%, v/v) for 1 h at 85 °C. in the presence of 250 µg 
tridecanoic acid methyl ester (C13-FAME) internal standard. The resulting FAMEs were then 
extracted using hexane  (1 mL) at room temperature for at least 1 h and a 1:10 dilution of the extract 
in hexane directly quantified by gas chromatography (GC). The addition of the internal standard at 
the onset of the reaction was used to correct for the loss of FAMEs during the reaction and to 
correct for incomplete hexane extraction efficiency. Final quantified FAME concentrations were 
obtained after the GC analysis was normalized for the C13-FAME concentration (250 µg mL−1 
hexane) in the original reaction. Laurens and colleagues found an 89.5 ± 3.5% recovery of total 
FAMEs and 85.1± 0.9% recovery of the internal standard in the single hexane extraction. 
The direct transesterification method describe by Laurens et al (2012) is similar to the method 
described by Kumari and colleagues, however the method of Kumari et al is more labour intensive 
and used approximately 10x more biomass.6 The method of Kumari et al froze the macroalgae 
samples in liquid nitrogen and samples (500 mg) were the dissolved in toluene (2 mL), to which 
freshly prepared methanolic HCl (3 mL, 5% v/v) was added and spiked with internal standard (10 ul 
of 1 mg/ml). The samples were mixed thoroughly, closed under nitrogen, and heated for 2 h in a 
water bath at 70 °C. After cooling the FAMEs were extracted in toluene (2 mL) over aqueous 
K2CO3 (4 mL, 6%). The aqueous K2CO3 is a salt solution that is used for washing. The high 
concentration of salt in the aqueous phase pushes the toluene soluble molecules or our FAMEs into 
the nonpolar phase whilst polar molecules and the now-free glycerol reside in the water or aqueous 






phase. The toluene layer containing the FAMEs is then drawn off, dried over anhydrous Na2SO4  to 
remove any traces of water and solvents removed under nitrogen. The FAMEs are then re-
solubilized in toluene (200 uL) and analyzed by GC–MS.  
These direct-transesterification methods are in contrast to the traditional multi-step methods of 
FAME preparation, which involve a (1) pre-treatment or extraction of the samples, (2) 
saponification of this extract to hydrolyse the lipids and release FAs and then (3) transesterification 
of the FAs to FAMES for GC analysis. These methods are labour intensive and typical involve a 
typical Folch3 or Bligh & Dyer 4 solvent extraction system, characteristically a 2:1 chloroform: 
methanol solution. The sample can then typically be dissolved in dry toluene (1 mL) in a test tube 
and a solution of 0.5M sodium methoxide in anhydrous methanol (2 mL) is added. The 
saponification reaction is maintained at 50°C for 10 min. This step hydrolyses the ester bonds of 
lipid molecules to release free fatty acids. Next, an acid such as glacial acetic acid (0.1 mL) is added, 
followed by water (5 mL). This converts the free fatty acids to fatty acid methyl esters (FAMEs), 
which then can be detected on the GC.  The FAMES are then isolated by extracting into hexane (2 x 
5 mL), dried over anhydrous sodium sulfate to remove any water that may be present, filtered and 
the solvent is removed under reduced pressure on a rotary film evaporator. Similarly as described 
by Kumari and colleagues and initially described by Carreau et al (1978) the extracted sample can 
saponified with NaOH in MeOH (1 ml, 1-5%) for 15 minutes at 55 °C. Methanolic HCL  (2 mL, 
5% v/v) is then added and further again for 15 minutes at 55 °C.  Milli-Q water (1 mL) is then 
added and the sample is spiked sample with an internal standard (10 uL, 1 mg/mL). The FAMEs are 
then extracted in hexane (3 x 1 mL), dried and re-dissolved in 200 uL hexane for quantification by 
gas chromatography analysis.6,7 It is important to note that, the aforementioned studies all used 
various temperatures to run the saponification and transesterification reactions from 55 °C, 70 °C up 
to 85 % for various lengths of time, for example 55 °C for 15 mins, 70 °C for 2 hrs or 85 % for 2 
hours. 
A modification of the direct transesterification method of Laurens et al (2012) will be used to 
establish the fatty acid profiles of 18 microalgae samples.  This method is chosen as it reduces the 
number of steps required and therefore reduces the overall loss of sample that can occur with multi-
step methods. This is important considering that the limited biomass of the microalgae samples 
being investigated and the Laurens method was specially developed for small-scale analysis of 
biomass quantities of between 7-11 mg. Although, the method of Laurens et al did not specify the 






means at which the samples were heated, other papers that have performed direct transesterification 
on dry biomass tend to use glass vials with Teflon caps and samples are placed into a incubator.8-10 
Hence, the 18 samples were prepared in vials and heated using a heating block. The advantage with 
this method is that all samples can be prepared and ready for GC in one day, as compared to the 
tradition multi-step methods would involve an estimated 3 hours per sample, as it sample would 
generally undergo individual reflux with subsequent washing and extraction steps. However, one 
disadvantage of the method of Laurens is that heating solvent in a closed system, even though total 
volume is very small, creates pressure and there is a potential risk of exploding the tubes. Therefore, 
the method performed here use rubber stoppers instead of screw-on Teflon caps. Therefore, the 
rubbers stoppers could simply pop off if the pressure got to high. Furthermore, the temperature was 
reduced from 80 °C to 55 °C and time of incubation was increased from 2 hours to 4 hours. Thirdly, 
reaction performed in isolated area with shield (i.e. fume hood with hood down) and samples were 
cooled completely before handling. Under these conditions there was no lid popping and no 
exploding vials. However, after performing this method the traditional method of reflux is 
recommended, using a mini-reflux apparatus if necessary for very small volumes, as it offers a more 
safe and controlled environment and the reaction can run at much higher temperatures for less time. 
This may improve the efficiency of the reaction and thus fatty acid yield.  
b. Quantification 
Quantification involves what is known as a response or calibration factor. A calibration Factor is a 
measure of the chromatographic response of a target analyte relative to the mass injected and a 
response factor is a measure of the relative mass spectral response of an analyte compared to its 
internal standard. The response factor for an internal standard can be calculated using the following 
equation, where A is represents the peak area and Conc. represents the concentration:  
Response!Factor = ! A!Compound!x!Conc. Internal!StdA!of!Internal!Std!x!Conc. of!Compound 
Equation 1 
The average calibration factor or response factor of the standards for each analyte can then used to 
calculate the concentration of the sample. For an internal standard, this can be done using the 
following equation: 






Conc.Compound = ! A!of!Compound!x!Conc. of!Internal!StdA!Internal!Std!x!Response!Factor!"#$%&#
 
Equation 2 
Alternatively, Abdulkadir et al 200810 quantified their FAMES as a mg/g dry weight by using an 
internal standard which was prepared by dissolving 100 mg of C19:0 in 100 mL hexane or 







CFA = Concentration expressed as a mg/g of dry sample  
As = Peak area of fatty acid in the sample in chromatogram 
AIS = Peak area of internal standard in chromatogram 
Ws = Weight of sample (g) 
 
Determining the average response factor for each standard in a fatty acid methyl ester mixture, 
which is then used in the equation to determine the concentration of a detected fatty acid in a 
sample is labour intensive. Therefore, the concentration of the FAME as a mg/g dry weight will be 
determined as per Abdulkadir et al 2008, Equation 3. 10  
 






































































Reaction of catalyst with methanol to form methoxide ion
Methoxide ion attacks carbonyl group of the triglyeride (ester) resulting in a different ester (FAME) and an 
alcohol (glyercol)
H O
Reaction of catalyst with methanol to form Hydroxide ion
Hydroxide ion attack carbonyl group of the triglyeride (ester) resulting in a carboxylic acid (FA) and an alcohol (glycerol)
Both hydroxide (OH-) and methoxide (CH3O-) will be formed with addition of the catalyst NaOH or KOH. Hydroxide is smaller and 


































































Next step to convert 
liberated FA to 
FAMEs so that are 
more easily seen on 
GC-MS
Next step to analyse 
FAMES on GC-MS
H2SO4 + 2CH3OH (Me)2SO4 + 2H20
For both transesterification and saponification, If there is water you can get hydrolysis of the triglyceride which 
results in a fatty acid and not a fatty acid methyl ester
Water also generated if NaOH reacts with a free fatty acid
Sulphuric in methanol results in generation of water
NaOH + MeOH NaOMe + H20
Sodium hydroxide in methanol results in the generation of water
H
Detect TMS derivative on GC-MS
Reacts with alcohols, alkaloids, amines and biogenic amines, carboxylic acids, phenols, and steroids.
Does not react with esters (i.e. TAGs)
BSTFA








a. Microalgae species 
The species is Desmodesmus opoliensis, a non-motile freshwater microalga. Spindle-shaped cells 
generally align linearly to form coenobia (colonies) of 2, 4 or occasionally 8 cells, which are 
attached at the centre, but may also be present as single cells. Cells may bear spines. See photos 
below; these cells are about 10 µm in length. Desmodesmus has a widespread distribution and has 
been reported in Europe and the UK, South America, Asia, Atlantic Islands, and Australia including 
NSW and Victoria. The current culture is a local Australian isolate sourced from CSIRO 




Empire  Eukaryota 
Kingdom  Plantae 
Subkingdom Viridaeplantae 
Infrakingdom Chlorophyta 
Phylum  Chlorophyta 
Subphylum Tetraphytina 
Class   Chlorophyceae 
Order  Sphaeropleales 
Family  Scenedesmaceae 
Subfamily  Desmodesmoidea 
Genus  Desmodesmus 
 
b. Growth Condition Microalgae 
Microalgae cultured using 6 different nutrient regimes at the Shoalhaven Marine and Freshwater 
Centre Nowra, Shoalhaven campus by Master’s student Clare McKenzie.  Algae were harvested in 
log phase of growth. Conditions were MAF, Aba, Aq, MLA, Algf/2 and MAGf/2.  







Figure 1 Summary of the Microalgal samples investigated. Initial testing will be preformed on just one harvest date 
resulting in a total of 18 samples, consisting of one microalgal species, grown under 6 different nutrients conditions in 
triplicate. 
Table 1 Table of microalgae and coding system. Shows total harvested biomass and the amount of biomass that was 
extracted using the method described by Laurens et al (2012). Highlighted in yellow are samples that have been also 
analysed by PhD student Nikky Pianeganda from Stephen Blanksby Research Group, Chemistry, University of 
Wollongong.  
Species Harvest Medium Culture ID Harvested (g) Vial (g)  Vial/Algae (g) Algae (g) Extracted (mg) 
Des 24/10/12 MLA A 1211 0.1913 1.7718 1.7819 0.0101 10.1 
Des 24/10/12 MLA B 1212 0.214 1.8083 1.8183 0.01 10 
Des 24/10/12 MLA C 1213 0.1759 1.7919 1.8018 0.0099 9.9 
Des 24/10/12 Algf/2 A 1221 0.1515 1.7692 1.7793 0.0101 10.1 
Des 24/10/12 Algf/2 B 1222 0.1699 1.7967 1.8069 0.0102 10.2 
Des 24/10/12 Algf/2 C 1223 0.1413 1.7821 1.7925 0.0104 10.4 
Des 24/10/12 MAGf/2 A 1231 0.1421 1.8213 1.8314 0.0101 10.1 
Des 24/10/12 MAGf/2 B 1232 0.1626 1.7904 1.8008 0.0104 10.4 
Des 24/10/12 MAGf/2 C 1233 0.1555 1.7716 1.7822 0.0106 10.6 
Des 24/10/12 MAF A 1241 0.1574 1.7825 1.7925 0.01 10 
Des 24/10/12 MAF B 1242 0.1456 1.7725 1.7825 0.01 10 
Des 24/10/12 MAF C 1243 0.1672 1.7813 1.7913 0.01 10 
Des 24/10/12 Aba A 1251 0.1516 1.787 1.797 0.01 10 
Des 24/10/12 Aba B 1252 0.1386 1.776 1.786 0.01 10 
Des 24/10/12 Aba C 1253 0.1591 1.8089 1.8189 0.01 10 
Des 24/10/12 Aq A 1261 0.1443 1.7788 1.7888 0.01 10 
Des 24/10/12 Aq B 1262 0.1414 1.7933 1.8033 0.01 10 
Des 24/10/12 Aq C 1263 0.175 1.7793 1.7893 0.01 10 






c. Transesterification of Algal samples 
Dried microalgal biomass (10 mg) was dissolved in a dichloromethane/methanol solution (0.2 mL, 
2:1, v/v) in glass vials with rubber stoppers3,4. Hydrochloric acid in methanol (0.3 mL, 5% v/v) was 
added and the solution was then spiked with the internal standard methyl nonadecanoate (250 ug) 
using a syringe.6,1 The solution was then heated for 4 hr at 55°C in a laboratory heating block. 
Heating was performed in an isolated area under a shield. The FAMEs were extracted with 1 mL 
hexane at room temperature for at least 1 hr. A 1:10 dilution of the extract in hexane was then 
prepared for quantification by gas chromatography analysis. (Note: dichloromethane is chosen as a 
less toxic substitute for chloroform). 
d. Preparation of Standard curve and Determination of Response Factors 
Supelco® 37 Component FAME mix is provided as a 10 mg.ml-1 solution in DCM. Prepare a set of 
7 concentrations as per figure 1: 10 mg.ml-1, 5 mg.ml-1, 2.5 mg.ml-1, 1.25 mg.ml-1, 0.625 mg.ml-1, 
0.3135 mg.ml-1 and 0.15625 mg.ml-1. 
 
Figure 2 Preparation of the seven concentrations of Supelco® 37 Component FAME mix which is provide in a 10 
mg/mL solution in DCM by serial dilution. 
Spike each concentration with internal standard (250 ug). Methyl nonadecanoic acid is not present 
in Supelco® 37 Component FAME mix.  This is used to verify identification of FAMEs present in 
unknown samples. Optionally, Supelco® 37 Component FAME mix can also be used for 
quantification. The RF for each FAME for the 7 concentrations can be calculated and the average 
and RF Average determined for each FAME. This can then be used to determine the concentrations in 






the samples. Alternatively, a standard curve of concentration versus peak area for each fatty acid 
methyl ester and also be established. 
e. Quantification 
Quantification of the FAMEs as per Abdulkadir and colleagues10 using Equation 3. 
f. Mass Spectrometry 
Gas Chromatography/Flame Ionisation Detection (GC/FID) was performed on a Shimadzu GC-
2010 Plus system equipped with a BP-5 fused silica Rxi-5ms capillary column (5% phenyl/95% 
polysiloxane, 30 m x 0.25 mm, 0.25 um film thickness, Restek), using hydrogen carrier gas (1.0 
mL/min) and samples of 1 µL over the temperature range of 80 - 300 °C. GC Mass Spectrometry 
(MS) was performed on a Shimadzu QP-5050A GC-MS system equipped with a BP-5 fused silica 
Rxi-5ms capillary column (5% phenyl/95% polysiloxane, 30 m x 0.25 mm, 0.25 um film thickness, 
Restek), using helium carrier gas (1.0 mL/min) and samples of 1 µL over the temperature range of 
80 - 300 °C. 
g. Total Lipid Determination 
Total lipid content determined as per Huang et al (2013)11 with slight modifications.  Algae were 
extracted with a 2:1 (v/v) dichloromethane/methanol solution. Solvent ratio of biomass (mg) to 
solvent (mL) was 1:1.  Algae were extracted over a 168 hr period until no more colour was 
extracted from the biomass, during which there was one solvent change and two sonication 
treatments of 15 minutes. The lipid content was measured gravimetrically and calculated using the 
Equation 6, described in Huang. 











a. Microalgae Fatty Acid profiles - Table 
Table 2 Microalgae fatty acid profiles of Desmodesmus opoliensis that has been cultured using six different nutrient regimes in triplicate, as determined by the in situ 













 1 2 3 1 2 3 1 2 3 1 2 3 1 2 3 1 2 3 
Saturated                               
C16:0 19.3 27.9 14.2 16.6 20.5 49.3 31.8 23.5 18.3 36.5 28.3 43.8 21.4 39.6 36.0 23.1 18.0 63.3 
C18:0       0.7 0.9 2.4 1.2 1.2 0.7 1.5 1.0 1.7 0.6 1.3 1.1 0.5 0.3 6.1 
C19:0 49.5 50.0 50.5 49.5 49.0 48.1 49.5 48.1 47.2 50.0 50.0 50.0 50.0 50.0 50.0 50.0 50.0 50.0 
PUFA                                     
C16:2 4.3 4.9 4.8 2.8 3.2 5.7 3.9 4.2 2.9 3.6 3.1 4.1 3.9 6.0 3.2 5.4 3.4 6.7 
C18:2 11.9 7.2 11.5 16.7 24.6 36.2 25.7 27.0 19.5 21.3 18.6 23.1 23.1 29.8 14.9 23.6 14.3 24.2 
MUFA                                     
C16:1 3.7 5.1 3.5 1.4 1.2 3.7 1.7 1.4 1.4 2.2 2.1 2.6 3.3 4.5 2.1 1.5 1.6 8.2 
Σ mg/g 
d.W* 
39.2 45.0 34.0 37.4 49.5 94.9 63.1 56.0 42.0 63.6 52.0 73.7 51.8 79.8 56.1 53.6 37.3 102.
4 
% d.W 3.9 4.5 3.4 3.7 5.0 9.5 6.3 5.6 4.2 6.4 5.2 7.4 5.2 8.0 5.6 5.4 3.7 10.2 
* d.w = dry weight as the summed total of the fatty acids detected. 
 






b. Microalgae Fatty Acid profiles - Bar Chart for the Average of Three Replicates 
 
Figure 3 Microalgae fatty acid profiles of Desmodesmus opoliensis that has been cultured using six different nutrient regimes in triplicate, as determined by the in situ 
transesterification method described by Laurens et al 2012.1 Microalgae biomass harvested at during log phase of growth. Bar graph represents the average mg/g d.W amount for the 


































c. Total lipid Content of Desmodesmus opoliensis (Determined Gravimetrically) 
From observing the data the 5 treatments MLA, Algf/2, MAGf/2, MAF and Aba do not appear significantly different from one another given the error 
associated with the measurement. Treatment Aq does appear to result in reduced lipid content. Full statistically analysis is required to determine 
significance. 
 
Figure 4 The total lipid content expressed as a percent of dry weight of Desmodesmus opoliensis, which has been cultured using six different nutrient regimes. Biomass harvested 
during log phase of growth. Data shows the average of three replicates with standard error. Exception is treatment MAGf/2, which shows the average of two replicates with standard 


























d. Unidentified Lipophilic Compounds 
 
Figure 5 The unidentified nonpolar (lipophilic) compounds for Desmodesmus opoliensis that has been cultured using six different nutrient regimes in triplicate, as determined by the 
in situ transesterification method described by Laurens et al 2012.1 Microalgae biomass harvested at during log phase of growth. Bar graph represents the average mg/g d.W amount 




































Figure 6 Data for the individual replicates for the unidentified compounds as shown in Fig.5. Note high values for 1263.






 Table 3 Table showing the amount of dry biomass extracted and the amount of lipid extract after treatment, as well as the total lipid content for each of the individual replicates. 
Hashed out is the lost sample. 
Species Medium Culture ID Dry weight extracted (mg) Algae Extracted (mg) Total Lipid 
Des MLA A JM-1211-P10B2 10.6 2.3 22 
Des MLA B JM-1212-P10B2 10.2 1.6 16 
Des MLA C JM-1213-P10B2 10.7 2.8 26 
Des Algf/2 A JM-1221-P10B2 10.4 2 19 
Des Algf/2 B JM-1222-P10B2 10.9 2.6 24 
Des Algf/2 C JM-1223-P10B2 10.3 1.2 12 
*Des *MAGf/2 *A *JM-1231-P10B2 *9.9 n/a n/a 
Des MAGf/2 B JM-1232-P10B2 9.7 1.3 13 
Des MAGf/2 C JM-1233-P10B2 9.6 2 21 
Des MAF A JM-1241-P10B2 10.9 1.9 17 
Des MAF B JM-1242-P10B2 11.4 2.6 23 
Des MAF C JM-1243-P10B2 10 3 30 
Des Aba A JM-1251-P10B2 10.1 2.2 22 
Des Aba B JM-1252-P10B2 14.2 2.6 18 
Des Aba C JM-1253-P10B2 12.3 2.3 19 
Des Aq A JM-1261-P10B2 10.5 1.8 17 
Des Aq B JM-1262-P10-B2 10.5 1.2 11 
Des Aq C JM-1263-P10B2 11.2 0.7 6 
*Sample lost due to breakage, no dry biomass leftover to repeat. 






e. GC-Chromatograms of the three replicates for each treatment. 
 






















































































































































Figure 13 Treatment 121 replicate chromatograms with increased resolution to look for  dominate unidentified peaks. 







Figure 14 Treatment 122 replicate chromatograms with increased resolution to look for  dominate unidentified peaks. 







Figure 15 Treatment 123 replicate chromatograms with increased resolution to look for  dominate unidentified peaks. 







Figure 16 Treatment 124 replicate chromatograms with increased resolution to look for  dominate unidentified peaks. 







Figure 17 Treatment 125 replicate chromatograms with increased resolution to look for  dominate unidentified peaks. 







Figure 18 Treatment 126 replicate chromatograms with increased resolution to look for  dominate unidentified peaks. 
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Similarity Percentages (SIMPER) 












Resemblance: S17 Bray Curtis similarity























Species Av.Abund Av.Sim Sim/SD Contrib% Cum.%
19:0    50.00  45.51   6.85    56.39 56.39
16:0    20.47  14.45   7.15    17.90 74.29
18:2    10.19   8.12   2.24    10.06 84.35
16:2     4.69   4.12   7.64     5.10 89.45
16:1     4.07   3.24   7.56     4.01 93.47
Group Algf/2
Average similarity: 80.28
Species Av.Abund Av.Sim Sim/SD Contrib% Cum.%
19:0    48.87  41.45   5.44    51.63 51.63
18:2    25.80  16.24   5.83    20.23 71.86
16:0    28.83  15.18   7.74    18.91 90.77
Group MAGf/2
Average similarity: 90.04
Species Av.Abund Av.Sim Sim/SD Contrib% Cum.%
19:0    48.25  43.69  18.72    48.53 48.53
18:2    24.04  19.72   9.04    21.90 70.42
16:0    24.54  18.35  10.53    20.38 90.81
Group MAF
Average similarity: 83.91
Species Av.Abund Av.Sim Sim/SD Contrib% Cum.%
19:0    50.00  37.99   8.07    45.28 45.28
16:0    36.21  23.38   8.74    27.87 73.15
18:2    21.00  14.74  10.72    17.57 90.71
Group Aba
Average similarity: 85.57
Species Av.Abund Av.Sim Sim/SD Contrib% Cum.%
19:0    50.00  40.94  11.26    47.84 47.84
16:0    32.33  21.28   3.75    24.86 72.71
18:2    22.60  14.34   4.15    16.76 89.47
16:2     4.36   2.80   8.79     3.27 92.74
Group Aq
Average similarity: 63.31
Species Av.Abund Av.Sim Sim/SD Contrib% Cum.%
19:0    50.00  33.77   2.30    53.33 53.33
16:0    34.82  13.00   2.77    20.54 73.87
18:2    20.71  11.21   3.11    17.70 91.57
Groups MLA  &  Algf/2
Average dissimilarity = 22.87
Group MLA Group Algf/2                            
Species  Av.Abund     Av.Abund Av.Diss Diss/SD Contrib% Cum.%
18:2     10.19        25.80    6.46    2.29    28.24 28.24
16:0     20.47        28.83    5.21    1.10    22.78 51.02
X5      5.97         1.21    2.14    0.97     9.34 60.36
X3      6.52         1.88    2.11    1.04     9.22 69.58
X4      3.10         1.83    1.50    1.22     6.57 76.15
X2      3.10         0.80    1.17    1.22     5.11 81.26
X1      2.52         0.85    0.93    0.98     4.07 85.33
16:1      4.07         2.09    0.93    1.56     4.06 89.39
X6      0.00         1.68    0.71    2.72     3.10 92.49
Groups MLA  &  MAGf/2
Average dissimilarity = 21.18
Group MLA Group MAGf/2                            
Species  Av.Abund     Av.Abund Av.Diss Diss/SD Contrib% Cum.%
18:2     10.19        24.04    6.24    4.34    29.46 29.46
16:0     20.47        24.54    3.40    1.37    16.03 45.49
X3      6.52         1.26    2.19    1.03    10.34 55.83
X5      5.97         1.09    1.99    0.85     9.41 65.24
X4      3.10         0.75    1.38    0.91     6.50 71.74
X2      3.10         0.43    1.25    1.19     5.88 77.62
16:1      4.07         1.48    1.16    4.99     5.50 83.12
X1      2.52         0.54    0.97    0.92     4.56 87.68
19:0     50.00        48.25    0.84    1.45     3.95 91.63
Groups Algf/2  &  MAGf/2
Average dissimilarity = 12.33
Group Algf/2 Group MAGf/2                            
Species     Av.Abund     Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0        28.83        24.54    5.20    1.32    42.15 42.15
18:2        25.80        24.04    3.18    1.62    25.78 67.93
16:2         3.89         3.67    0.51    1.63     4.15 72.08
X4         1.83         0.75    0.51    1.09     4.10 76.18
X5         1.21         1.09    0.50    1.81     4.06 80.23
19:0        48.87        48.25    0.49    1.17     3.97 84.20
X3         1.88         1.26    0.49    1.12     3.95 88.15
X6         1.68         1.79    0.36    1.27     2.89 91.04
Groups MLA  &  MAF
Average dissimilarity = 22.72
Group MLA Group MAF                            
Species  Av.Abund  Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0     20.47     36.21    6.57    1.78    28.93 28.93
18:2     10.19     21.00    4.38    6.59    19.27 48.20
X3      6.52      4.38    2.49    1.34    10.97 59.17
X4      3.10      4.69    2.16    0.92     9.50 68.67
X5      5.97      3.56    2.08    1.16     9.15 77.81
X6      0.00      3.21    1.23    1.16     5.44 83.25
X2      3.10      1.18    1.04    1.27     4.59 87.84
X1      2.52      1.34    0.84    1.07     3.71 91.55
Groups Algf/2  &  MAF
Average dissimilarity = 17.50
Group Algf/2 Group MAF                            
Species     Av.Abund  Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0        28.83     36.21    6.55    2.27    37.43 37.43
18:2        25.80     21.00    2.91    1.46    16.60 54.03
X4         1.83      4.69    1.93    1.00    11.04 65.07
X3         1.88      4.38    1.61    0.96     9.18 74.25
X5         1.21      3.56    1.25    1.11     7.13 81.38
X6         1.68      3.21    1.02    1.45     5.84 87.22
16:1         2.09      2.31    0.44    4.82     2.53 89.75
19:0        48.87     50.00    0.43    2.24     2.47 92.22
Groups MAGf/2  &  MAF
Average dissimilarity = 14.86
Group MAGf/2 Group MAF                            
Species     Av.Abund  Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0        24.54     36.21    5.09    1.72    34.25 34.25
X4         0.75      4.69    1.83    0.82    12.34 46.59
18:2        24.04     21.00    1.79    1.60    12.05 58.64
X3         1.26      4.38    1.55    0.85    10.41 69.04
X5         1.09      3.56    1.23    1.18     8.29 77.33
X6         1.79      3.21    1.03    1.57     6.96 84.29
19:0        48.25     50.00    0.75    1.60     5.06 89.35
X2         0.43      1.18    0.46    1.36     3.08 92.43
Groups MLA  &  Aba
Average dissimilarity = 20.35
Group MLA Group Aba                            
Species  Av.Abund  Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0     20.47     32.33    5.78    1.58    28.42 28.42
18:2     10.19     22.60    5.17    2.05    25.42 53.84
X3      6.52      1.81    1.92    0.94     9.41 63.25
X5      5.97      2.43    1.88    0.99     9.24 72.49
X4      3.10      1.54    1.42    1.05     6.99 79.48
X2      3.10      1.02    1.11    1.33     5.45 84.93
X1      2.52      1.12    0.95    1.11     4.66 89.59
X6      0.00      1.25    0.52    1.24     2.57 92.16
Groups Algf/2  &  Aba
Average dissimilarity = 14.59
Group Algf/2 Group Aba                            
Species     Av.Abund  Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0        28.83     32.33    6.12    1.72    41.92 41.92
18:2        25.80     22.60    3.50    1.50    23.98 65.90
X5         1.21      2.43    0.78    1.17     5.32 71.22
16:1         2.09      3.28    0.69    1.57     4.74 75.96
X4         1.83      1.54    0.63    1.14     4.32 80.28
16:2         3.89      4.36    0.59    1.24     4.01 84.30
X3         1.88      1.81    0.55    1.30     3.79 88.09
19:0        48.87     50.00    0.45    2.29     3.07 91.16
Groups MAGf/2  &  Aba
Average dissimilarity = 12.16
Group MAGf/2 Group Aba                            
Species     Av.Abund  Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0        24.54     32.33    4.53    1.53    37.28 37.28
18:2        24.04     22.60    2.64    1.60    21.71 59.00
19:0        48.25     50.00    0.78    1.61     6.42 65.42
16:1         1.48      3.28    0.76    1.92     6.28 71.70
X5         1.09      2.43    0.73    1.54     5.97 77.67
X4         0.75      1.54    0.58    1.17     4.76 82.43
16:2         3.67      4.36    0.48    1.22     3.95 86.39
X6         1.79      1.25    0.46    1.37     3.80 90.18
Groups MAF  &  Aba
Average dissimilarity = 12.97
Group MAF Group Aba                            
Species  Av.Abund  Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0     36.21     32.33    3.47    1.35    26.76 26.76
18:2     21.00     22.60    2.21    1.70    17.04 43.80
X4      4.69      1.54    1.85    0.93    14.29 58.09
X3      4.38      1.81    1.56    0.98    12.04 70.13
X5      3.56      2.43    1.18    1.44     9.14 79.27
X6      3.21      1.25    1.04    1.33     8.04 87.31
16:1      2.31      3.28    0.42    1.27     3.24 90.55
Groups MLA  &  Aq
Average dissimilarity = 27.17
Group MLA Group Aq                            
Species  Av.Abund Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0     20.47    34.82    5.24    1.20    19.28 19.28
X4      3.10    14.08    4.07    0.95    14.97 34.25
X3      6.52    11.89    3.92    1.32    14.42 48.67
18:2     10.19    20.71    3.85    1.99    14.18 62.85
X5      5.97     7.70    2.90    1.24    10.67 73.52
X2      3.10     5.29    1.97    1.35     7.23 80.75
X1      2.52     4.42    1.61    1.18     5.93 86.68
X6      0.00     4.60    1.23    0.87     4.52 91.20
Groups Algf/2  &  Aq
Average dissimilarity = 24.01
Group Algf/2 Group Aq                            
Species     Av.Abund Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0        28.83    34.82    6.06    1.21    25.25 25.25
X4         1.83    14.08    3.56    0.80    14.82 40.07
18:2        25.80    20.71    3.17    1.17    13.20 53.28
X3         1.88    11.89    2.90    0.78    12.08 65.36
X5         1.21     7.70    1.97    0.83     8.20 73.56
X2         0.80     5.29    1.45    0.87     6.03 79.59
X1         0.85     4.42    1.25    0.93     5.21 84.80
X6         1.68     4.60    1.19    1.04     4.96 89.77
16:1         2.09     3.77    0.73    1.09     3.05 92.82
Groups MAGf/2  &  Aq
Average dissimilarity = 22.01
Group MAGf/2 Group Aq                            
Species     Av.Abund Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0        24.54    34.82    4.95    1.21    22.50 22.50
X4         0.75    14.08    3.52    0.74    15.98 38.47
X3         1.26    11.89    2.84    0.72    12.89 51.36
18:2        24.04    20.71    2.35    1.12    10.69 62.05
X5         1.09     7.70    1.89    0.77     8.59 70.64
X2         0.43     5.29    1.41    0.78     6.38 77.02
X6         1.79     4.60    1.27    1.16     5.75 82.77
X1         0.54     4.42    1.22    0.83     5.53 88.30
19:0        48.25    50.00    0.73    1.41     3.30 91.60
Groups MAF  &  Aq
Average dissimilarity = 24.26
Group MAF Group Aq                            
Species  Av.Abund Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0     36.21    34.82    6.55    2.69    26.98 26.98
X4      4.69    14.08    4.10    1.02    16.91 43.90
X3      4.38    11.89    3.37    1.02    13.91 57.80
X5      3.56     7.70    2.35    1.24     9.68 67.49
18:2     21.00    20.71    1.63    1.33     6.72 74.21
X6      3.21     4.60    1.55    1.56     6.40 80.61
X2      1.18     5.29    1.51    1.02     6.23 86.84
X1      1.34     4.42    1.32    1.19     5.43 92.26
Groups Aba  &  Aq
Average dissimilarity = 23.10
Group Aba Group Aq                            
Species  Av.Abund Av.Abund Av.Diss Diss/SD Contrib% Cum.%
16:0     32.33    34.82    6.12    1.91    26.51 26.51
X4      1.54    14.08    3.56    0.81    15.40 41.90
X3      1.81    11.89    2.85    0.78    12.33 54.24
18:2     22.60    20.71    2.41    1.09    10.41 64.65
X5      2.43     7.70    2.12    1.06     9.19 73.84
X2      1.02     5.29    1.49    0.96     6.43 80.28
X1      1.12     4.42    1.30    1.04     5.62 85.90
X6      1.25     4.60    1.21    1.05     5.25 91.15

Appendix 6 
Difference in colour of Desmodesmus 
opoliensis cultures across nutrient 
treatments (photographs)  
Table 1: Photographs of cultures across treatments, illustrating differences in culture colour 
Treatment Culture A Culture B Culture C 
MLA 
   
Algf/2 
   
MAGf/2 
   
MAF 
   
Aba 
   
Aq 
   





Culture set up of light/pigment 
experiment (photographs) 
 
The second photo shows the shading during the last 24 hours of 
the “high-shaded” treatment (bottom right).  
(a)  
(b)  
Figure 1 (a & b):  Photographs of culture setup (a) before shading and (b) during shading 
